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INTRODUCTION

The Mississippi gopher frog (MGF; Lithobates sevosa), also known as the dusky
gopher frog, is a critically endangered species that exemplifies the amphibian extinction
crisis. This extinction crisis is an alarming, ongoing decline of many amphibian
populations around the world. Although the MGF was once abundant throughout
southern Louisiana, Mississippi, and Alabama in the long leaf pine ecosystem, its
population has drastically declined in recent years, and only an estimated 100 adults
remain in two ponds in southern Mississippi (Hammerson et al., 2004a; USFWS, 2012b).
The decline of the MGF has primarily been the result of habitat loss and urbanization,
however disease and population isolation are also threats to this species (Hammerson et
al., 2004a).
Like many other threatened and endangered amphibian species, a small number of
MGFs were removed from the wild, and ex situ captive breeding populations (CBPs)
were established at zoological institutions to act as a “safety net” against extinction.
However, also like many other threatened and endangered amphibian species in CBPs,
the MGF did not naturally breed in captivity (Kouba et al., 2012a). Thus, the
development of assisted reproductive technologies (ART) became a necessity in order to
preserve this species both ex situ and in situ. Strategies for ART include exogenous
hormone administration for stimulation of gamete (eggs and sperm) production;
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cryopreservation of gametes for long-term genetic storage; and artificial fertilization of
gametes to produce offspring (Clulow et al., 2014; Kouba and Vance, 2009). With very
few researchers working on ART strategies for the MGF, there is still much to be done to
determine the most effective and efficient techniques for breeding this species.
Furthermore, while some techniques such as hormone stimulation for sperm collection
and sperm cryopreservation techniques have been successfully elucidated (Kouba et al.,
2011; Langhorne et al., 2013), there are some remaining challenges to breeding this
species, such as reliably obtaining eggs from the females, and correctly identifying the
sex of the frogs, due to their weakly dimorphic nature.
Thus, the studies presented in this thesis were conducted to address some of the
remaining challenges in captive breeding of the Mississippi gopher frog. The first study
compares different techniques for sex identification in the MGF. Because the MGF is a
weakly dimorphic species, this can present difficulties in managing and successfully
breeding the animals. By determining the most reliable and non-invasive methods for sex
determination, captive breeding populations can apply the proper hormone treatments and
doses to the appropriate animals to maximize reproductive output, while minimizing
wasted time and resources.
One of major challenges for researchers attempting to breed the MGF is the
difficulty in reliably obtaining eggs from the females. While the ultimate goal of a
breeding program would be to determine a protocol which encourages natural breeding
by the animals, this protocol has not been discovered for the MGF. Therefore, a hormone
treatment to induce ovulation and deposition of eggs through manual expression is a
necessity at the current moment. By determining a hormone treatment to reliably produce
2

eggs in the MGF female, researchers can better time gamete collection and perform more
successful artificial fertilization trials. With an effective treatment protocol established,
the most genetically valuable females can be induced to ovulate, and those genetics can
be preserved through offspring produced via artificial fertilization. In addition, the
development of complementary tools, such as ultrasound, may improve the process of
administering hormone treatments, by increasing efficiency, decreasing animal handling,
and improving understanding of the animal’s reproductive biology.
As a counterpart to the ovulation study, the third study examines the male gamete
contribution to reproduction. Protocols for successful sperm induction, collection, and
cryopreservation have been established in the MGF (Kouba et al., 2011; Langhorne et al.,
2013). However, it is worthwhile to also explore the possibility of short-term cold storage
of spermic urine in this species. Cryopreservation techniques are an effective and
important method for the long-term storage and preservation of genetic material in
amphibians (Kouba et al., 2013; Kouba and Vance, 2009), but these techniques are labor
intensive and require specialized equipment to accomplish. Therefore it is useful to
determine the length of time at which spermic urine can be kept at cold storage
temperatures (~4°C) while maintaining motility and viability. Short-term cold storage of
sperm becomes highly applicable when the timing of egg deposition from the female and
spermiation from the male are not aligned, or when cryopreservation techniques may not
be an option.
Together these three studies cover different, but related aspects of captive
breeding in the Mississippi gopher frog. The goal is to contribute findings to improve
ART and captive breeding success for this endangered amphibian. It is hoped that these
3

finding can be applied to future breeding of genetically valuable MGFs in captive
breeding populations such that researchers can effectively and efficiently produce
Mississippi gopher frogs for reintroduction programs, contributing to the conservation of
this species.

4

LITERATURE REVIEW

The amphibian extinction crisis and conservation response
The worldwide amphibian extinction crisis
In the 1980’s, it became evident that amphibians were declining across the world
and at rates greater than any other taxonomic group (Gascon, 2007; Stuart et al., 2004).
Amphibians consist of three classes: anura (frogs and toads), urodela (salamanders and
newts), and gymnophiona (caecilians), and between 30-40% of the 5,743 amphibian
species are considered to be declining, with 7.4% considered critically endangered—a
much greater percentage than birds or mammal species (IUCN, 2008; Stuart et al., 2004).
This is not a normal extinction rate, and some scientists have declared this decline to be
the sixth mass extinction. In response to the declines, and in an effort to hopefully slow or
stop the loss of amphibian species, a surge of research, conservation plans, and
collaborative meetings have occurred in recent years (Gascon, 2007; IUCN, 2008;
Lannoo, 2005; Zippel et al., 2011). This concerted response has been inspiring, however
there remains much work still to be accomplished to protect amphibians, as populations
are still declining.
While traditionally habitat loss/alteration and overutilization had been considered
the primary threats to amphibians, the more recent dramatic declines of amphibian
species are due to numerous other factors as well, including disease, climate change,
5

pollution, and invasive introduced species—and unfortunately many of these factors are
human induced or exasperated (Halliday, 2014; Lannoo, 2005; Stuart et al., 2004).
Currently, in addition to habitat loss/alteration, disease is considered one of the primary
threats to amphibians, particularly the deadly Batrachochytrium dendrobatitis (Bd)
fungus, commonly known as chytrid, which has been blamed for the decline of species in
otherwise undisturbed habitats (Berger et al., 1998; Gascon, 2007; Lannoo, 2005). Many
species face more than one of these threats, and these problems may in fact compound or
interact with each other to further pressure amphibian populations (Pounds, 2001). The
variety of threats means there is not a single solution to solve this extinction crisis, and
specialized species specific plans and actions must be taken (Lannoo, 2005). In addition,
because of the number of species under threat, it may not be feasible to protect all
species, and decisions must be made on where to focus attention (Gascon, 2007). Just as
important as the scientific response, is the need for global outreach to the communities of
the world regarding the amphibian extinction crisis (Halliday, 2014). The best amphibian
management plans in the world will fail without a change in the attitudes and action of
the average human (Halliday, 2014; Lannoo, 2005). And so, some balance must be found
between the need to conserve amphibians for their important ecosystem contributions and
their inherent worth, while accounting for the needs of an exponentially growing human
population.
Importance of amphibians
While it may be argued that all animals have intrinsic value, in the face of many
species across many taxonomic groups facing extinction, some may ask why save the
frogs? There are in fact many reasons why amphibians as a whole are worthwhile to
6

preserve and deserving of as much conservation attention as the charismatic megafauna
which are generally highlighted.
Amphibians are an important part of our ecosystem. They play a role in the food
chain both as predator—playing a key role in insect pest population control—and as prey
acting as food items for many other species (IUCN, 2008). The glandular skin of
amphibians is full of important chemicals and nutrients which are important to the
ecosystems in which they live (IUCN, 2008). As they move through their habitat, they
aerate the soil and introduce these nutrients contributing to environmental health.
Amphibians are also deemed “bio-indicators” as their naturally porous skin makes them
susceptible to changes in the environment (Halliday, 2008; Lannoo, 2005). These
changes may cause effects on amphibians that are observed earlier than the effects would
be seen in other higher vertebrates, and thus by paying attention to the amphibians of the
ecosystem we may be able to determine there is a problem before other animals,
including humans, are affected (Halliday, 2008; Lannoo, 2005).
In addition, amphibians have played exceptionally important roles in a number of
science fields throughout history, particularly physiology, genetics, and developmental
biology (Burggren and Warburton, 2007; IUCN, 2008; Kloas et al., 1999). Our
understanding of biology and medicine would not be as developed without amphibians,
particularly frogs, acting as model species. Many of the same secretions that are
important to ecosystem health may also have medicinal benefits as well (IUCN, 2008). It
is just unfortunate that the reason some amphibian species may be declining is due to the
overharvest of amphibians for research purposes (Lannoo, 2005).
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These are just a few of the many reasons why the ongoing, amphibian extinction
crisis is deserving of attention, and why immediate action is needed. The effects of this
crisis will likely extend beyond the loss of the species themselves, and may well lead to
the overall decline of ecosystem health and ultimately affect other species as well
(Halliday, 2008; Lannoo, 2005). Therefore by saving the frogs, we may well be saving
whole ecosystems and all the species that reside in them.
Establishment of captive breeding populations
A short-term solution to fight against the amphibian extinction crisis is the
establishment of captive breeding programs (CBPs), also sometimes known as captive
assurance colonies or conservation breeding programs (Gascon, 2007; Griffiths and
Pavajeau, 2008). This is not a sustainably long term solution, as captive populations can
only be so big, and there are only so many institutions which can house amphibians
(Kouba and Vance, 2009). There are also numerous risks involved in developing ex situ
programs such as loss of genetic diversity, biosecurity issues, and resource concerns, but
CBPs may sometimes be a necessary step in order prevent extinction of a species
(Gascon, 2007; Griffiths and Pavajeau, 2008; Zippel et al., 2011). By removing some
individuals from the wild and introducing them into a captive setting, they can be
protected against threats such as disease, habitat loss, and predation (Gascon, 2007).
While housed in captive settings, there exists a great opportunity for research on the
species, and breeding efforts should be attempted in order to continue to propagate and
preserve the species (Gascon, 2007; Griffiths and Pavajeau, 2008).
Along with CBPs, the establishment of genetic resource banks (GRBs) can be a
useful tool in conserving threatened and endangered amphibians (Gascon, 2007; Kouba
8

and Vance, 2009). The idea behind amphibian GRBs is that biomaterials such as
germplasm, embryos, tissues, DNA, etc. can be stored in an arrested state for long
periods of time, essentially acting as a safety net against the loss of the actual animals and
preserving the genetics for future needs (Kouba and Vance, 2009). GBRs are
advantageous resources to complement captive breeding populations for a variety of
reasons including: overcoming space restraints by reducing the number of animals
needing to be housed; allowing for transfer of preserved materials instead of animals
between institutions to diversify genetics; conserving important genetic lines long after
an animal’s lifespan; providing gametes to be used in artificial reproduction trials when
animals are incompatible during natural mating; and GBRs may even allow for deextinction of a species that has gone extinct in the wild (Kouba et al., 2013; Kouba and
Vance, 2009).
CBPs and GBRs are not simple solutions though, and much effort and cost goes
into maintaining these populations and banks (Browne et al., 2011). Decisions must be
made regarding which species will be housed and what institutions can take on the
spacing and financial burdens associated with a CBP (Browne et al., 2011; Gascon,
2007). Within captive settings there must be continual research efforts, with the ultimate
goal focused on producing animals that can be reintroduced into restored or preserved
habitats once the threats have been mitigated (Gascon, 2007; Griffiths and Pavajeau,
2008). If this focus is not maintained, CBPs simply become holdings or arks of
endangered species, with no ultimate benefit to the conservation of the species. In
addition to scientific research, captive breeding populations in zoos have the opportunity
to be fantastic conservation education tools for the general public, but unfortunately
9

limited attention is often given to the subject (Roth and Obringer, 2003). This is an
important avenue to explore and would allow the captive populations to act as
“ambassadors” for their wild counterparts, hopefully inspiring the public to take note of
amphibians and encourage human actions that may help preserve them (Caro et al.,
2003).
The basic goal of CBPs, which is to successfully reproduce the species it houses,
is often one of the most challenging tasks to accomplish. Many species do not naturally
breed well, or at all, in captivity (Gascon, 2007; Kouba and Vance, 2009). There are
many likely contributing factors that go into these breeding difficulties (Kouba et al.,
2012a). As will be discussed later in this review, many amphibians are highly sensitive to
environmental and seasonal cues (temperature changes, rainfall, photoperiod, etc.) which
drive their reproduction. In captive settings, these cues may be absent or difficult to
simulate. In addition, the natural biological stress response of all vertebrates may
interfere with reproduction. When acutely activated, this endogenous stress response is a
crucial pathway necessary for survival, but if it becomes chronically activated, as it does
for some species in managed settings, it can ultimately interfere with reproduction (Licht
et al., 1983; Moore and Jessop, 2003). Nutritional deficits may also contribute to
difficulties reproducing captive amphibians efficiently, and much research is ongoing
regarding this topic (Browne et al., 2011).
In these situations assisted reproductive technologies (ART) can become a crucial
instrument to breed, and ultimately conserve a species. ART will be discussed in more
detail in later sections. ART is a fascinating, but complex subject, and requires a clear
understanding of the reproductive physiology and overall biology of the species in which
10

is utilized. Thus, in addition to information regarding amphibian ART, the remaining
sections of this review will discuss some of the important biological processes and
hormone pathways of anuran reproduction, and some general information on the species
of interest studied in this thesis will be discussed.
Overall, CBPs are an important conservation tool, though their use is still
somewhat controversial (Griffiths and Pavajeau, 2008). There have been some success
stories of reintroductions from captive breeding setting, but in situ conservation efforts
remain equally important and worthwhile (Clulow et al., 2014; Kouba et al., 2009).
Continued output of research, educational efforts, and actual animal reintroductions from
CBPs is necessary to justify the time and effort needed to establish and maintain CBPs
(Griffiths and Pavajeau, 2008), and researchers should prioritize these areas of focus
when working with captive amphibian populations.
Amphibian reproduction
Reproductive modes and strategies
Overall, amphibians display a diverse set of reproductive modes, ranging from
oviparity to viviparity (Duellman and Trueb, 1994; Norris and Lopez, 2011). This
diversity is fascinating, but presents challenges when attempting to make broad
statements about reproduction in amphibians, and often means researchers must
determine the reproductive patterns and intricacies of each new species studied. There are
many hormonal, environmental, and genetic signals that determine and affect the patterns
of reproduction in amphibians. Because not all species can be discussed, this review will
focus predominately on the reproductive strategies of anurans (frogs and toads), and
when possible generalized patterns will be discussed.
11

From an evolutionary perspective, the environmental stability, or lack thereof,
drives different reproductive strategies (Crump, 1982). Briefly, in stable environments
later age at maturity, increased number of clutches, larger egg size, parental care, and
small reproductive effort are favorable traits, while environmental instability should
promote reproductive strategies with the opposite traits (Crump, 1982; Duellman and
Trueb, 1994). These evolutionary principles help explain the varied reproductive patterns
seen among amphibians. Since each species faces quite different habitat, predation, and
nutritional pressures depending on its ecology, by adapting to its unique environment, a
species can maximize reproductive success (Duellman and Trueb, 1994).
The majority of anurans are oviparous, or egg laying, species with high
reproductive output of hundreds to thousands of small eggs, but show no parental care
(Duellman and Trueb, 1994; Norris and Lopez, 2011). A handful of species that are
oviparous demonstrate parental care, however these species frequently lay larger size
eggs, but produce fewer eggs at each reproductive event (Norris and Lopez, 2011). Most
anurans show external fertilization (Duellman and Trueb, 1994). A few species are
ovoviviparous, where offspring rely on the egg yolk for nutrients, but the egg remains
held internally in the parent, such as in the oviduct, or the egg may be held in specially
adapted sites including the vocal sac, the skin of the back, or even in the stomach, such as
the case with the gastric-brooding frog (Duellman and Trueb, 1994; Norris and Lopez,
2011; Tyler et al., 1983). Only one anuran species, Nimbaphrynoides occidentalis, or the
Western Nimba toad, is considered to be viviparous (giving live-birth), exhibiting
internal fertilization and nourishing the developing young with epithelial secretions in the
oviduct (Norris and Lopez, 2011; Wake, 1980). A greater number of urodele and
12

gymnophionid amphibians tend to show ovoviviparity and viviparity compared to their
anuran counterparts, however some urodeles and gymnophionids are also oviparous
(Duellman and Trueb, 1994; Norris and Lopez, 2011).
For temperate anurans, eggs are frequently laid and externally fertilized in aquatic
environments and left to develop on their own, with larvae hatching into the body of
water where they will mature (Duellman and Trueb, 1994; Norris and Lopez, 2011).
However frogs in tropical environments may deviate from this strategy, instead laying
eggs on leaves above the water, in foam nests (in or out of the water), in burrows near the
water, or in small pools formed in the holes of trees and rocks (Duellman and Trueb,
1994; Norris and Lopez, 2011). Egg laying also differs by species, with some depositing
large single masses of eggs in one breeding event, and others depositing multiple small
clutches of eggs throughout the breeding season (Norris and Lopez, 2011). The eggs are
usually fertilized by a single male, however polyandrous mating is observed in some
species, particularly those in more tropical regions (Norris and Lopez, 2011). An
interesting example of polyandry is Pseudophyrne bibronii, an Australian toadlet in
which males create soil nests which the females will deposit a small clutch of eggs
following mating with each male, and these males then guard the nests (Byrne and
Keogh, 2009; Norris and Lopez, 2011). This is thought to limit reproductive loss in the
case of nest failure (Byrne and Keogh, 2009).
The timing of reproduction is quite species-specific and dependent on
environmental factors. Reproduction typically occurs once per year in temperate species,
with primarily temperature, and secondarily rainfall, dictating the particular season of
reproductive activity (Duellman and Trueb, 1994; Norris and Lopez, 2011). This is
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evidenced by species with widespread ranges, where frogs in the southern parts of the
range begin their breeding season earlier than their more northern counterparts due to the
extended cold periods at higher latitudes; or in species with populations at different
elevations such as the boreal toad (Anaxyrus boreas boreas) where animals at lower
elevations breed earlier and longer than those at the high elevations where the
temperature remains colder and snow persists later into the year (Duellman and Trueb,
1994; Lannoo, 2005). Tropical and subtropical species still frequently breed only once
per year, however they display a more continuous reproduction pattern and can reproduce
at any point of year with rainfall acting as the major driving force of reproductive timing
(Duellman and Trueb, 1994; Norris and Lopez, 2011). This is illustrated by an example
of several Venezuelan anuran species, where breeding was only observed during the wet
season in most years, but in a year where heavy rainfall was observed during the normal
“dry season” breeding events occurred early demonstrating the role of rainfall in driving
reproduction (Hoogmoed and Gorzula, 1979).
There are many behaviors and other cues that coincide with reproductive events in
amphibians. Depending on the species’ home range, an amphibian may have to migrate
up to several kilometers to reach its breeding area (Duellman and Trueb, 1994). Visual,
auditory, or hygrotactical cues may contribute to guiding an amphibian to its breeding
ground, however olfactory cues are considered to be the key signal for most species
(Duellman and Trueb, 1994). This was demonstrated in displacement studies of Rana
clamitans where frogs were moved up to 550m from their breeding location and when
various sensory stimuli were removed, only ablation of the olfactory system resulted in a
significant reduction of frog’s the ability to return to its original location (Oldham, 1967).
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Courtship behaviors vary widely between the three groups of amphibians
(Duellman and Trueb, 1994; Norris and Lopez, 2011). In caecilians, courtship is not
routinely seen, however in salamanders there are a number of almost choreographed
movements involving nudging, rubbing of the snout, tail movements, spatial movements,
and following behaviors that attract the female and allow for her to pick up deposited
spermatophores (or sperm packets) left by the male (Duellman and Trueb, 1994). Unlike
the visual and olfactory cues important to salamanders, auditory cues appear to be the
predominate stimuli for anurans (Duellman and Trueb, 1994; Norris and Lopez, 2011).
Male vocalizations and the endocrinology behind them have been well studied as they
have been shown to be of clear importance in the breeding of many behaviors (Duellman
and Trueb, 1994; Norris and Lopez, 2011). Visual cues may play a small role in some
species, particularly those that breed in the daylight hours, with the most extreme
example of this demonstrated by male Staurois parvus which flash the blue webbing
between their toes at females to attract them (Duellman and Trueb, 1994; Harding, 1982).
Olfactory cues and chemical communication may also be used by some anurans,
particularly in aquatic environments where use of auditory and visual cues may be of
limited use (Belanger and Corkum, 2009). The breeding behavior of amplexus, where the
male grasps the female around the waist or middle to position himself for external
fertilization of the eggs as the female deposits them, is common for most anurans
(Duellman and Trueb, 1994).
Overall, these reproductive behaviors are heavily driven by hormones and help
attract mates, as well as align the timing of gamete production to maximize reproductive
success (Duellman and Trueb, 1994; Moore et al., 2005; Norris and Lopez, 2011).
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Hormones help stimulate the behaviors, but in turn the behaviors also drive an increase in
hormones, acting in positive feedback manner . Arginine vasotocin is considered to
enhance many reproductive behaviors in amphibians, while corticosterone is considered
to suppress reproductive behaviors (Moore et al., 2005). Although the endocrinology
behind some of these behaviors have been well studied, such as the calling behavior of
anurans, the hormones driving many other behaviors remain poorly understood (Norris
and Lopez, 2011).
These differing reproductive strategies highlight the complexity and variability of
the huge number of amphibian species that exist. The timing for reproductive cycles and
breeding events are clearly driven by numerous genetic, hormonal, and environmental
signals that have evolved together to ultimately accomplish the most successful
reproductive strategy for each species (Duellman and Trueb, 1994; Norris and Lopez,
2011). Some of the hormonal and environmental signals related to amphibian
reproduction will be discussed further in the following sections. While the many unique
and sometimes bizarre reproductive strategies of amphibians are attention catching and
intriguing to many people, it also adds to the complexity and mystery of studying
amphibian reproduction. It forces reproductive scientists to think critically about the
strategies and signaling pathways behind them in their species of interest and also means
that researchers must sometimes start from scratch to understand a species’ biology, even
when similar or related species have already been studied.
Oogenesis, oocyte growth, and ovulation in anurans
Oogenesis is the process of formation, growth, and maturation of female germ
cells in the ovary into competent eggs utilized in reproduction. In amphibians it is divided
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into two phases: primary growth, or previtellogenesis, and secondary growth, also known
as vitellogenesis (Norris and Lopez, 2011). Because of the large focus on oocyte
development and its connection with the hormone treatments administered in Chapter 4
of this thesis, it is worthwhile to discuss this biological process and the various stages of
growth and maturation. Oviparous species will be the main topic of discussion.
Spermatogenesis, while obviously an important part of reproduction, will not be
discussed as in depth in this review due its limited focus in the research of this thesis.
Oogenesis takes place within the paired ovaries, and once developed, the oocytes
will be ovulated and enter the oviduct where (for oviparous anurans) they are directed to
the cloacal opening for deposition during breeding events allowing external fertilization
to occur (Norris and Lopez, 2011). During embryonic development, primordial germ
cells invade the epithelium of the early gonad, eventually becoming situated in the
coelomic epithelium which becomes the ovarian cortex where the oogonia will reside
permanently (Norris and Lopez, 2011; Senger, 2012). In amphibians, the oogonia remain
in the germinal epithelium of the ovaries which allows for them to remain as a population
of renewing stem cells (Jørgensen, 1992; Norris and Lopez, 2011). Oogonia mitotically
divide during each reproductive cycle, thereby renewing their number at each cycle
(Jørgensen, 1992; Norris and Lopez, 2011). This indeterminate oogenesis makes
amphibians distinct from birds and mammals which have a set number of oogonia and
whose oocytes do not continue proliferate throughout life because all oogonia undergo
meiosis early in development (Jørgensen, 1992; Norris and Lopez, 2011). Amphibian
oogonia are frequently found in small nests or groups, and the cells within these nests are
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joined together by intracellular bridges helping them to develop synchronously (Norris
and Lopez, 2011).
In order to progress to the primary oocyte stage, oogonia undergo meiosis while
in the cell nests (Norris and Lopez, 2011). The oocytes pause during the prophase I stage
of meiosis and continue to grow until final maturation and development occurs (Norris
and Lopez, 2011). At the onset of meiosis, folliculogenesis also begins, where a single
layer of epithelial cells begins to surround the oocyte (Norris and Lopez, 2011). These
epithelial cells progressively enclose the oocyte forming a primordial follicle with a
basement membrane and theca cells become associated with the membrane (Norris and
Lopez, 2011). This follicle complex consisting of the oocyte, follicle cells, basement
membrane, and theca cells undergo a primary growth (or previtellogenesis) phase,
followed by a secondary growth (or vitellogenesis) phase (Jørgensen, 1992; Norris and
Lopez, 2011). The small, previtellogenic oocytes are gonadotropin independent and grow
rapidly, increasing in size, undergoing changes in the nucleus, developing cellular
organelles, and synthesizing numerous RNAs needed for growth and development
(Jørgensen, 1992; Norris and Lopez, 2011).
Following primary growth, a smaller population of oocytes are recruited and
continue growth in the secondary, vitellogenic growth phase (Jørgensen, 1992; Norris
and Lopez, 2011). Recruitment from the pool of primary oocytes usually occurs at sexual
maturation and following each ovulation, and it has been speculated that paracrine
signaling mechanisms prevent secondary growth of another round of oocytes until the
previous vitellogenic oocytes are ovulated (Jørgensen, 1992). The recruited oocytes grow
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synchronously during this vitellogenic phase, up through final maturation (Jørgensen,
1992).
Secondary growth is predominated by the process of yolk accumulation in the
oocyte (Jørgensen, 1992; Norris and Lopez, 2011). Membrane-bound yolk platelets are
formed from the precursor molecule vitellogenin which is produced by the liver when
stimulated by estradiol (Di Fiore et al., 1998; Norris and Lopez, 2011). Vitellogenin
enters the oocyte and is then broken down into two proteins: lipovitellin and phosvitin,
which are converted into the yolk platelets for storage until needed by the embryo (Norris
and Lopez, 2011). It is also during the secondary growth phase when the animal and
vegetal poles of the oocytes are formed, with more yolk platelets being deposited in the
vegetal pole and the germinal vesicle (nucleus) residing in the animal pole (Norris and
Lopez, 2011). Follicle cells remain closely associated with the oocyte membrane, but
change in shape to become more cuboidal and thicker (Norris and Lopez, 2011). As will
be further described later, pituitary gonadotropins are play an important role in the
growth and steroidogenesis (in the follicle cells) happening during this stage of growth
(Jørgensen, 1992; Norris and Lopez, 2011; Redshaw, 1972). Atresia can occur during
primary or secondary growth phases, and it has been speculated that atretic follicles may
play an important role in steroid secretion for non-atretic follicles (Saidapur, 1978).
Once vitellogenesis is complete, the oocyte can progress to the final stages of
maturation, most important of which involves the resumption of meiosis (Norris and
Lopez, 2011; Yamashita et al., 2000). Oocytes are not fertilizable until maturation has
occurred (Yamashita et al., 2000). Luteinizing hormone is needed for maturation,
stimulating the follicle cells to produce progesterone which in turn activates the protein
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maturation-promoting factor (MPF) in the ooplasm (Hammes, 2004; Norris and Lopez,
2011; Yamashita et al., 2000). MPF allows for the final maturation steps to occur,
including cytoskeletal rearrangement, the end of meiotic arrest, termination of follicular
cell and oocyte communication, and the first division of the chromosomes (Hammes,
2004; Norris and Lopez, 2011). Meiosis continues through metaphase II, where is again
arrested until fertilization (Norris and Lopez, 2011).
Following maturation, ovulation can occur when the proper signals from the
pituitary are received (Jørgensen, 1992; Redshaw, 1972). These signals are thought to be
controlled by environmental factors, though this may be somewhat species dependent
(Jørgensen, 1992; Redshaw, 1972). The gonadotropin surge stimulates progesterone
secretion by the follicle cells, and progesterone is considered to be the most potent steroid
to stimulate ovulation (Jørgensen, 1992). It remains uncertain if the amplexus (breeding
behavior) stimulus is required prior to ovulation, or if ovulation is necessary prior to
amplexus (Jørgensen, 1992). This may differ by species, as it was observed for some
species including some of those in the genra Bufo, Hyla, Scaphiopus, and Rana, that
ovulation only occurred after the female was amplexed by the male (Jørgensen, 1992).
But in Rana pipens females were observed to stop amplexus by giving a release call if
they had not yet ovulated when clasped by a male, suggesting that some species ovulate
prior to the onset of breeding behavior (Noble and Aronson, 1942).
At ovulation, eggs are expelled into the body cavity and shunted into the oviduct
(Norris and Lopez, 2011). While passing through the oviduct, the eggs are coated in
layers of jelly secreted by glands in the oviduct (Norris and Lopez, 2011). The jelly
coated eggs can then be deposited through the cloaca.
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Hormonal regulation of reproduction in anurans
Anatomy of hormone secretion
The amphibian brain, is slightly more evolved than that of its piscine ancestors, as
evidenced by the beginnings of discernable hemispheres, however it is still relatively
primitive compared to higher vertebrates (Duellman and Trueb, 1994; Noble, 1931). Like
all vertebrates, the amphibian brain has several distinct regions including the forebrain,
consisting of the telencephalon and diencephalon (or thalamencephalon); the midbrain,
made up of the optic lobes/optic tectum and peduncular region; and the hindbrain,
consisting of the cerebellum and medulla oblongata (Duellman and Trueb, 1994; Noble,
1931). Of importance in reproduction is the diencephalon of the forebrain which is made
up partly by the hypothalamus (Duellman and Trueb, 1994). The hypothalamus is further
divided into a preoptic region and a tuberoinfundibular region (Duellman and Trueb,
1994). The hypothalamus does not show any sex specific differences in organization or
function in the order Anura (Ogielska, 2009). Neurons from the preoptic area project
down to the median eminence where they terminate and release GnRH into the
hypophysial portal system which directs the neurohormones to the pituitary (Crews and
Silver, 1985; Norris and Lopez, 2011; Ogielska, 2009). This allows for direct stimulation
of the pituitary by the minute concentrations of neurohormones which would otherwise
be degraded in general circulation—this setup is the first portion of the hypothalamicpituitary-gonadal (HPG) axis that drives the reproductive hormone cascade in vertebrate
organisms (Duellman and Trueb, 1994; Ogielska, 2009; Senger, 2012). Other
hypothalamic nuclei may also participate in regulating reproduction based on
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environmental and other endogenous signals (Duellman and Trueb, 1994; Norris and
Lopez, 2011).
As with other vertebrates, the amphibian pituitary has two distinct regions which
arise from separate embryonic tissues, allowing for unique secretions from each lobe
(Duellman and Trueb, 1994; Senger, 2012). The neurohypophysis (posterior pituitary) is
composed of the pars nervosa and median eminence, and secretes hormones such as
antidiuretic hormone (ADH), arginine vasotocin (AVT), and oxytocin; and the
adenohypophysis (anterior pituitary) consists of the median pars intermedia, pars distalis,
and the bilateral pars tuberalis (Duellman and Trueb, 1994). Five hormones are produced
by the pars distalis: follicle-stimulating hormone (FSH), luteinizing hormone (LH),
prolactin (PRL), thyrotropin-stimulating hormone (TSH), and adrenocorticotropin
hormone (ACTH); and due to the large amount of vascular tissue in this area of the brain,
these hormones are readily released into circulation where they can exert tissue specific
effects (Duellman and Trueb, 1994; Norris and Lopez, 2011; Ogielska, 2009).
In particular, the pituitary gonadotropins, FSH and LH, play an important role in
reproduction by acting on the gonads of both males and females to stimulate further
reproductive action. When the proper signals (hormonal, environmental, etc.) are
received, the gonads develop and release the gametes necessary for reproduction
(Duellman and Trueb, 1994; Senger, 2012).
At each level of the HPG axis, hormone secretions are controlled by positive and
negative feedback systems, however this feedback regulation may show differences
based on age, season, or sex of the animals (Ogielska, 2009; Senger, 2012). Hormones
bind to specific receptors on the cell membranes, cytoplasm, or nuclei of target cells
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where they exert either stimulatory of inhibitory responses, and these receptors may also
show different patterns based on season or sex (Ogielska, 2009; Senger, 2012).
Reproductive hormone cascade
Despite being lower vertebrates and showing differences in brain structure, it has
come to light that amphibians, particularly anurans, exhibit many of the same hormonal
pathways as mammals in regards to reproductive hormones. As in mammals, the
hypothalamic-pituitary-gonadal (HPG) axis moderates reproduction in amphibians, and
each portion will be outlined below. The HPG axis is moderated by hormone feedback
mechanisms (both positive and negative feedback) at each level of the axis.
Hypothalamic secretion and regulation of GnRH
The hypothalamus acts as the master control organ of reproduction through its
secretion of the neuropeptide: gonadotropin-releasing hormone (GnRH) (Norris and
Lopez, 2011; Ogielska, 2009). GnRH was previously called luteinizing hormone
releasing hormone (LHRH), as it was originally thought to stimulate only the release of
luteinizing hormone from the pituitary (Clulow et al., 2014; Fernald and White, 1999).
Despite updated evidence of its broader effects, the term ‘LHRH’ is still occasionally
used in amphibian literature, however there is beginning to be movement away from this
(Clulow et al., 2014). In recognition of its overall effect of stimulating multiple
gonadotropins, the term GnRH will be used in this thesis.
One of the earliest studies to demonstrate that the hypothalamus controlled
reproduction in frogs, was performed on bullfrogs (Rana catesbeiana) and found that
when the preoptic area (the site of a majority of the GnRH neurons in the brain) was
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electrically stimulated, this caused a significant increase circulating pituitary
gonadotropins (McCreery, 1984). Studies on various other frog species had similar
findings, and were able to demonstrate that GnRH not only stimulate the release of stored
pituitary gonadotropins, but also stimulated their synthesis (Stamper and Licht, 1993a;
Stamper and Licht, 1993b).
Like other tetrapods, amphibians show multiple GnRH forms and receptors types
in the brain (Norris and Lopez, 2011; Ogielska, 2009). GnRH is a decapeptide that is
highly conserved across vertebrate species, and there are two distinct systems: GnRH-I
and GnRH-II that differ in function and anatomical location (Fernald and White, 1999).
The GnRH-I system is thought to be the main hypophysiotropic (pituitary stimulating)
system and is most concentrated in the preoptic area of the hypothalamus, while the
GnRH-II system is found primarily in the midbrain, hindbrain, and spinal cord, and is
thought to exhibit more neurotransmitter-like actions, or may play a role in expression of
sexual behavior (Clulow et al., 2014; Fernald and White, 1999). However, the role of the
GnRH-II system in pituitary stimulation cannot be ruled out in the amphibian, as some
GnRH-II neurons terminate in the median eminence, and GnRH-II has been detected in
the pituitary of anurans (Rastogi et al., 1998; Yuanyou and Haoran, 2000).
Within these GnRH systems, there are different molecular forms of the GnRH
peptide which are named based on the species in which they were first found (Fernald
and White, 1999). The three commonly discussed GnRH forms in the amphibian
literature: mammalian GnRH and salmon GnRH (mGnRH and sGnRH respectively) are
considered GnRH-I type, while the third type: chicken GnRH-II (cGnRH-II), is
considered to be part of the GnRH-II system (Fernald and White, 1999; Norris and
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Lopez, 2011). There has also been an additional GnRH-I peptide called ranid frog GnRH
(rfGnRH), which has only been describe in the Korean frog (Rana dybowskii) (Norris and
Lopez, 2011; Yoo et al., 2000). These various molecular forms show similar amino acid
sequences, often varying by just one or two amino acids, particularly at the 5th and 8th
positions of the decapeptide (Fernald and White, 1999; Kim et al., 2011). Overall, it is
considered that almost all amphibians express mGnRH in the GnRH-I system, and
cGnRH-II in the GnRH-II system (Norris and Lopez, 2011). GnRH binds to G-proteincoupled receptor types, and each species has multiple forms of GnRH receptors, just as
they exhibit multiple forms of GnRH (Kim et al., 2011). Various forms of GnRH
receptors have been characterized in several different anuran species, but it is widely
considered that amphibians have three types of GnRH receptors (Kim et al., 2011).
In addition to understanding the types of GnRH secreted, it is important to
understand the pattern of GnRH secretion necessary to induce successful hormone
secretion from the pituitary. This remains a poorly understood concept in amphibians,
and has only been studied minimally in ranid frogs (Norris and Lopez, 2011). It has been
shown that, unlike in most vertebrates, particularly mammals, where continual GnRH-I
signals leads to desensitization of the pituitary and loss of gonadotropin secretion, the
frog pituitary remains sensitive to GnRH signals, even under constant infusion, and frogs
can continue to produce gonadotropins for several days under constantly stimulated
conditions (McCreery and Licht, 1983; Norris and Lopez, 2011). Despite these
observations, preliminary evidence suggests that during the natural breeding season,
bullfrogs do not demonstrate chronically elevated GnRH secretion, but instead showed
discrete pulses of GnRH from the hypothalamus, as is commonly seen in mammals and
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other vertebrates (Tsai et al., 2003). The discrepancy between these patterns is not well
understood and highlights the continued need for research into the natural pattern of
GnRH secretion in frogs.
An important aspect of GnRH production by the hypothalamus is the regulatory
feedback signals that act on the GnRH-I system and control its secretion. Gonadal
steroids, particularly 17β-estradiol (E2) and 5α-dihydrotestosterone (DHT), play a crucial
role in hypothalamic feedback (Norris and Lopez, 2011; Ogielska, 2009). Studies with
frogs have shown this is likely accomplished through receptor regulation, where
gonadectomy of male and females frogs resulted in decreased numbers of GnRH-I
neurons in the preoptic area, and subsequent steroid replacement resulted in a return of
the GnRH-I neurons (Iela et al., 1994). Additional regulation likely arises from negative
feedback of gonadal steroid on GnRH release, as evidenced by studies of male leopard
frogs where treatment with steroid implants for 20 days significantly increased the size of
the GnRH-I neurons, decreased LH secretion, and reduced gonad size, ultimately
suggesting decreased release of GnRH from the neurons and subsequent downstream
effects in the HPG axis (Tsai and Jones, 2005).
Neuroendocrine control of reproduction is also regulated through several other
non-hormonal mechanisms including endocannabinoids, RFamides, and the most well
studied, dopamine (Norris and Lopez, 2011). As overviewed in Dufour et al. (2005), the
catecholamine dopamine (DA) has been shown to directly inhibit gonadotropin secretion
and block the effects of GnRH (by inhibiting GnRH synthesis or preventing its release at
the pituitary) in variety of fish, mammals, and avian species. This response has been best
studied in a number of teleost species, however subsequent studies in some fish species
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showed no effect of DA on reproduction, suggesting species-specific effects (Dufour et
al., 2005). Similar to many fish species, it has been suggested that dopamine may regulate
the GnRH-I system in amphibians as well. A study in newts (Triturus alpestris) showed
positive associations of neurons with tyrosine hydroxylase (the rate limiting enzyme in
catecholamine synthesis) and GnRH-I fibers in the median eminence of the
hypothalamus, providing evidence for catecholamingeric influence on GnRH secretion
(Corio et al., 1990). In leopard frogs, it has been shown that estrogens and androgens
control the number of tyrosine hydroxylase positive neurons in forebrain, suggesting that
steroid feedback may affect GnRH secretion through the dopamine pathway as well
(Wilczynski et al., 2003). Evidence for the relationship between dopamine and GnRH
was also demonstrated in grass frogs (Rana temporaria), where lesions in the
infundibular region of the hypothalamus (containing dopaminergic neurons) resulted in
early ovulation of hibernating frogs as an effect of increased GnRH, and therefore LH
(Sotowska-Brochocka, 1988; Sotowska-Brochocka and Licht, 1992). It was proposed that
gonadotropin suppression (and therefore ovulatory suppression) observed during
hibernation in untreated frogs was the result of a GnRH control mechanism, which the
authors hypothesized to be dopaminergic inhibition (Sotowska-Brochocka, 1988;
Sotowska-Brochocka and Licht, 1992). This work was expanded upon, and it was
demonstrated that the dopamine antagonist metoclopramide-hydrochloride (MET) could
induce early ovulation during hibernation in the grass frog, providing further evidence
that dopamine acts as an inhibitor of gonadotropin release during hibernation (SotowskaBrochocka et al., 1994). These experiments helped demonstrate dopamine’s potential role
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in GnRH regulation, and became the basis consideration of this pathway in assisted
reproduction techniques.
Gaining understanding of the forms of GnRH, their locations of action in the
brain, their patterns of secretion, and their feedback mechanisms has important
implications for assisted reproduction studies in amphibians. While some mechanisms are
conserved across vertebrates, other patterns appear to be unique to amphibians, and
sometimes even to a particular species. These intricate and complicated features cannot
be ignored when studying hormonal control of reproduction, and continued studies are
needed to further determine the types and pattern of GnRH produced in the amphibian
brain. This will allow for the development of improved synthetic hormones, and provides
clarity for the timeline when hormone therapies should be given. In addition, studies of
hormonal feedback mechanisms and their sites of action may allow for development of
novel techniques to stimulate reproduction or override negative feedback signals in
difficult to breed amphibian species.
Pituitary secretion and regulation of gonadotropins
Following secretion of GnRH by the hypothalamus, the pituitary is the next
location of action in the HPG axis. Similarly to mammals, gonadotropin hormones are
secreted by cells in the pars distalis of the adenohypophysis (or anterior pituitary) of
amphibians (Gracia-Navarro and Licht, 1987). The two gonadotrophs secreted from the
frog pituitary have been characterized as the same, or very similar to, luteinizing
hormone (LH) and follicle stimulating hormone (FSH) seen in mammals (Licht and
McCreery, 1985; Norris and Lopez, 2011), and will hence forth be referred to as those
names. A majority of gonadotropic cells (an estimated 50-88%), are able to store both LH
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and FSH, with a smaller number of cells showing storage of just one hormone type: 1250% show FSH storage alone, and only 0-7% show only LH storage (Gracia-Navarro and
Licht, 1987). A similar pattern is described in mammals.
Luteinizing hormone and follicle stimulating hormone are glycoproteins with
similar α-subunits, but differing β-subunits that give them distinct actions and allow
binding to specific receptors (Ogielska, 2009; Senger, 2012). These β-subunits are highly
species-specific and may show differences in biological activity between species
(Ogielska, 2009; Senger, 2012). Overall, it is considered that the main role of
gonadotropins in reproduction is to bind to receptors on the theca and granulosa cells of
the gonads where they stimulate gamete development and steroidogenesis (Norris and
Lopez, 2011; Ogielska, 2009; Polzonetti-Magni et al., 1998). Atrophy of the reproductive
tract is observed following ablation of the pituitary, demonstrating the need for pituitary
gonadotrophs to stimulate the gonads (Duellman and Trueb, 1994). Gonadotropin
receptors are also found on the liver cells, and are thought to be play a role in vitellogenin
(the precursor for yolk production) synthesis (Kubokawa and Ishii, 1987; Ogielska, 2009;
Polzonetti-Magni et al., 1998). The production of vitellogenin and accumulation by
oocytes is a key step in the growth and development of fertile oocytes, as this will be the
energy source for the embryo following fertilization (Polzonetti-Magni et al., 2004).
While it has been clearly established that GnRH leads to the synthesis and
secretion of the gonadotropins (McCreery, 1984; Stamper and Licht, 1993a), the roles of
the LH and FSH and their secretion pattern in amphibian reproduction are less
understood than in the mammalian system (Clulow et al., 2014; Ogielska, 2009). It
remains unclear if LH and FSH have unique actions in amphibian reproduction, or if they
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have similar and overlapping functions (Clulow et al., 2014). Unlike mammals, where the
pituitary shows pulsatile secretion patterns, and prolonged GnRH stimulation on the
pituitary causes rapid desensitization of the organ, a series of studies in the bullfrog
demonstrated a different pattern (Licht and McCreery, 1985). It was found that multiple
doses of a GnRH agonist produced an additive effect and stimulated increased
gonadotropin secretion, with chronic infusion of GnRH resulting in continual
gonadotropin secretion and eventually an ovulatory response (Licht and McCreery, 1985;
McCreery and Licht, 1983). This pattern held true as long as moderate doses were used,
however some desensitization occurred with high doses of GnRH agonist in the frog
(Licht and McCreery, 1985). In several frog species gonadotropins showed distinct
surges during breeding season suggesting that like GnRH, heightened LH and FSH
concentrations are not maintained during reproductively active periods, but instead also
show pulsatile secretion (Itoh et al., 1990; Licht et al., 1983; Tsai et al., 2003).
There may also be species-specific and sex differences in pituitary secretion,
including the ratio of LH to FSH, the timing of gonadotropin surges relative to breeding,
and storage or synthesis of gonadotropins during hibernation, and these differences may
be based on the reproductive strategy and seasonality of the species (Kim et al., 1998;
Ogielska, 2009). In female Rana esculenta FSH, along with estradiol and vitellogenin is
high at the start of the breeding season (spring), while LH declines at the start of breeding
season and does not begin to increase again until the recrudesce period (fall), remaining
high during winter hibernation until the subsequent breeding season (Polzonetti-Magni et
al., 1998). LH increases were also associated with increases in ovarian weight, and it was
proposed that both gonadotropins are important in vitellogenin synthesis and secretion
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(Polzonetti-Magni et al., 1998). Male Rana esculenta showed a brief increase in FSH in
early spring (March) which is thought to be the stimulus for the onset of spermatogenesis,
while LH began to increase in October and remained elevated until the following
breeding season (Polzonetti-Magni et al., 1998). In Korean frogs, Rana dybowskii, LH
concentrations were low in both males and females in early hibernation (fall-winter), but
showed increases by late hibernation (late-winter to early spring), and FSH was found to
increase around the time of spawning in late February-March (Kim et al., 1998).
Concentrations of LH were highest in females with well-developed follicles at the start of
the breeding season, and may therefore be important for spawning, or may be a necessary
hormonal signal to maintain an adequate environment in the reproductive tract for the
eggs prior to spawning (Kim et al., 1998). In this species, the pattern of FSH and LH in
the male closely followed that of the female, suggesting LH is important in spermiation
and mating behavior (Kim et al., 1998). In a different Korean frog, Rana nigromaculata,
with a shorter and slightly later breeding period (May), FSH and LH were low in
hibernating females, but distinct surges were evidence just after hibernation
demonstrating a role for the gonadotropin surge in inducing ovulation and spawning
(Kim et al., 1998). After spawning, FSH increases were observed and were correlated
with follicular growth in the females, suggesting the need for FSH in follicular growth
and development (Kim et al., 1998). Similar to the females, males showed brief LH and
FSH surges in the breeding period (May) , however there was also an increase in
gonadotropins observed in August, which the authors speculated was associated with
early spermatogenesis (Kim et al., 1998). Together these studies demonstrate how the
timing of breeding and gametogenesis are driven by changes in gonadotropins and how
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these may be related to hibernation pattern and season. These patterns may differ in
species which do not hibernate, or show year round or explosive breeding systems. Most
of the work done in continuously breeding species has looked at steroid hormones, not
gonadotropins, but it has been speculated that in these species, gonadotropins may show
more permissive, instead of regulatory pattern (Harvey et al., 1997; Lynch and
Wilczynski, 2005).
Therefore, gonadotropin secretion may ultimately be driven by a species’
reproductive biology, and a single all-encompassing statement about patterns and
functions may not be possible. What remains clear though, is that gonadotropins act on
the gonads to stimulate gamete production and steroidogenesis (Crews and Silver, 1985;
Kim et al., 1998; Licht and McCreery, 1985; Ogielska, 2009). Ovulation in particular,
cannot occur without a surge of gonadotropins (Kim et al., 1998; Ogielska, 2009).
However ovulation likely occurs as the result of gonadotropin surge induced steroid
production, as exogenous steroids hormones can induce ovulation (Schuetz, 1967).
The sex steroids secreted by the gonads are a key regulator of pituitary
gonadotropin secretion, acting both by negative and positive feedback. Early evidence for
this was shown by gonadectomy studies in multiple species such as Rana escultenta
(Rastogi and Chieffi, 1970) and Rana catesbeina (McCreery and Licht, 1984). In these
studies gonadotropic cells of the pituitary underwent hypertrophy following
gonadectomy, and the replacement of exogenous sex steroids reduced this response. It
has been demonstrated in amphibians that estrogen acts through a negative feedback
mechanism on the pituitary to regulate gonadotropin secretion (Lin and Schuetz, 1983;
Pavgi and Licht, 1993). Conversely, there is some evidence that 5α-dihydrotestosterone
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(DHT) may act as positive feedback mechanism at the pituitary to increase FSH and LH
secretion when GnRH is given (McCreery and Licht, 1984; Stamper and Licht, 1994).
Although contrary evidence also exists, suggesting estradiol, as well as DHT, suppress
LH secretion, however this feedback may be taking place at the level of the
hypothalamus and not the pituitary, at least for DHT (Tsai and Jones, 2005; Tsai et al.,
2005). This highlights the complicated nature of sex steroid mediated feedback
mechanisms at the hypothalamic and pituitary levels and continued research is needed to
understand these pathways.
Gonadal secretion and regulation of steroid hormones
The gonads are the predominant site of sex steroid hormone synthesis. As in all
vertebrates, the pituitary gonadotropins bind to receptors on the somatic cells of the
gonads which induces production of sex steroids (androgens, estrogens, and progestins)
in the amphibian, and these steroids control gamete production and sexual behavior
(Crews and Silver, 1985; Ogielska, 2009).
It is thought that the Leydig cells are the primary testis cells producing androgens
in anurans (Crews and Silver, 1985; Ogielska, 2009). This is evidenced by the seasonal
fluctuation in the cell volume and steroid dehydrogenase activity of Leydig cells which
also mirror the seasonal changes in secondary sex characteristics which are androgen
dependent (Crews and Silver, 1985). The main androgen secretions of the frog include
testosterone (T), 5α-dihydrotestosterone (DHT), and androstenedione, with anurans being
the only vertebrate to have DHT as the most active androgen (Ogielska, 2009; Rastogi
and Iela, 1980). Sertoli cells of the testes are also considered to have a role in
steroidogenesis, as androgens enter Sertoli cells and are converted to estrogens (Ogielska,
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2009; Rastogi and Iela, 1980). Androgen receptors are found on both the Leydig and
Sertoli cells (Chattopadhyay et al., 2003), and all the substrates and enzymes needed for
steroid synthesis are present from early on in anuran life in these cells (Ogielska, 2009).
Androgens are necessary for spermatogenesis. Insufficient androgen
concentrations will cause the arrest of spermatogenesis at the secondary spermatocyte
stage, and prevent progression to the spermatid stage (Ogielska, 2009; Rastogi and Iela,
1980). It is thought that androgens both directly (by acting in the germ cells) and
indirectly (by modifying the metabolism of somatic testes cells) affect spermatogenesis,
and that these actions may be seasonal, in turn causing the seasonal cycles of
spermatogenesis seen in many temperature anuran species (Sasso‐Cerri et al., 2005). If
anti-androgens are administered, degradation of the Leydig cells and developing
spermatids is observed in addition to overall shrinkage of the testis, however early
spermatogenesis was not affected—at least by the anti-androgen treatment (Haider,
1980). As evidenced by hypophysectomy studies, testosterone alone is ineffective in
stimulating spermatogenesis, and instead testosterone is necessary to form spermatids,
but spermatogonia only proliferate in response to gonadotropins (Rastogi, 1976; Rastogi
et al., 1976). Therefore both androgens and gonadotropins are needed to successful
proliferate and develop gametes. Estradiol is also important early in spermatogenesis as it
is needed for differentiation of primary spermatogonia, but later acts to inhibit
differentiation to more developed stages, demonstrating that, like testosterone, it has
stage-specific effects (Chieffi et al., 2000; Tsai et al., 2005).
Similar to other reproductive hormones, the sex steroids show seasonal
fluctuations in many species of male anurans. In many cases, such as in Rana esculenta,
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testicular testosterone increases during the fall, followed by an increase in circulating
testosterone shortly after (Pierantoni et al., 1984). These concentrations remain elevated
or may peak just before the onset of breeding season, stimulating reproductive behaviors
(Emerson and Hess, 1996; Ko et al., 1998; Pierantoni et al., 1984). During, or just after
the breeding season (usually spring), testosterone decreases and spermatogenesis is
reinitiated (Pierantoni et al., 1984). Plasma estradiol was also observed to peak as
androgens decreased in R. esculenta species (Varriale et al., 1986). However, slight
variations in this pattern or the cycle of spermatogenesis can be species dependent (Ko et
al., 1998). In aseasonal breeders, there tends to be more variation in androgen
concentrations between species, but concentrations of gonadal steroids and sperm
production remain relatively constant throughout the year, producing the speculation that
they may play a more permissive role (instead of an activating role) in reproduction
(Emerson and Hess, 1996; Rastogi, 1976).
Females show their own unique patterns of gonadal steroids based on the different
stages of gamete development. The pituitary gonadotropins drive changes at the female
gonad, where the follicle cells surrounding the oocyte secrete a variety of steroid
hormones including estradiol (E2), progesterone (P4), 17α-hydroxyprogesterone,
androsteindione, and testosterone (Norris and Lopez, 2011). There is a correlation
between FSH and E2 concentrations, and LH and P4 concentrations (Redshaw, 1972).
As with the males, there are seasonal patterns in steroid hormones in females
related to the species’ specific biology and reproductive timeline. These are likely related
to the cycle of oocyte development. Steroid hormones tend to be low during early,
primary growth stages of oocytes, but increase as oocytes further develop and progress
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into the secondary growth stages (Kwon et al., 1991; Norris and Lopez, 2011). In general
for many species, E2 is low during early oogenesis, but continually increases until just
prior to ovulation (Redshaw, 1972). Progesterone peaks just prior to ovulation when the
oocytes are most developed; T also peaks during later development stages of the oocyte
(Redshaw, 1972). This pattern is illustrated nicely in a study of the seasonally breeding
Rana nigromaculata which examined cultured follicular tissue and oocytes treated with
pituitary homogenate (Kwon et al., 1991). Small pre-vitellogenic follicles had very low
concentrations of any steroid hormones, but as the oocytes developed E2 concentrations
were highest in those oocytes undergoing active vitellogenesis (Kwon et al., 1991). As
the oocytes continued to develop, E2 decreased and testosterone and progesterone
became the predominate steroids, with T being highest in the almost matured eggs, but P4
showed the highest concentrations at final maturation stages of preovulatory oocytes and
at breeding season (Kwon et al., 1991). This study also demonstrated that follicles are
seasonally sensitive to gonadotropins, with the greatest sensitivity just before breeding
season, highlighting that the seasonal reproductive cycle is moderated by responsiveness
of the follicle cells to gonadotropins (Kwon et al., 1991). The authors also speculated that
shifts in the steroid patterns through the various stages of oocyte development may reflect
changes in enzyme patterns (such as aromatase) in the follicle cells (Kwon et al., 1991).
These shifts in enzyme expression may become important to allow oocyte maturation to
continue, as estrogen is a known inhibitor of gonadotropin and progesterone induced
oocyte maturation (Lin and Schuetz, 1985; Lin and Schuetz, 1983). Fairly similar
patterns were found in a study of Xenopus, a non-seasonally breeding frog (Fortune,
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1983), suggesting this pattern of steroid secretion may be common to many anuran
species.
One of the most crucial steroid mediated processes in female reproduction is the
stimulation of vitellogenesis. Estradiol from the gonad mediates the production of
vitellogenin (Vtg), which is the major precursor molecule to for yolk accumulation in the
developing oocyte (Polzonetti-Magni et al., 2004). In some species, testosterone may also
be involved in this process, as testosterone is thought to be converted to estradiol in the
liver by the enzyme aromatase, and the patterns of these two steroid hormones closely
follow each other and are associated with increased vitellogenesis before the onset of
breeding season (Di Fiore et al., 1998). Vitellogenesis is a key step in the secondary
development of oocytes and is necessary for the development of a fertile, competent egg,
as this yolk will be the sole source of nutrients for the developing embryo following
fertilization (Polzonetti-Magni et al., 1998; Polzonetti-Magni et al., 2004). However, as
previously discussed, gonadotropins also play a role in vitellogenesis, promoting the
synthesis and uptake of vitellogenin into the oocyte (Holland and Dumont, 1975;
Polzonetti-Magni et al., 2004).
Estradiol is important in this middle phase of oocyte development as
vitellogenesis is ongoing, however other steroids become important for final maturation
of the oocyte (Kwon et al., 1991). During later stages of oocyte development, LH
stimulates to secretion of P4 by the follicle cells which activates a key protein:
maturation-promoting factor (MPF), needed to end meiotic arrest of the oocyte (Hammes,
2004; Redshaw, 1972). As the oocyte continues to mature, both the follicle cells and the
oocyte itself become important locations of steroidogenesis (Hammes, 2004).
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Pregnanelone and progesterone secreted by the follicular cells are taken up into the
oocyte where they are converted to dehydroepiandrosterone (DHEA) and
androstenedione (Hammes, 2004). These hormones re-enter the follicular cells where
they are converted to testosterone and androstenedione, which along with T from the
thecal cells, are eventually sent back to the oocyte to aid in maturation (Hammes, 2004).
In some species, progesterone concentrations also remain high at the time of final
maturation (Kwon et al., 1991). Progesterone is also thought to be important in
stimulating ovulation (Jørgensen, 1992; Redshaw, 1972).
For both males and females, the sex steroids play a role in reproductive behavior
and the development of secondary sex characteristics, in addition to their role in
gametogenesis described above. The role of steroids in behaviors such as calling and
aggression, and the development of secondary sex characteristics such as glands and
nuptial pads, have been extensively reviewed and discussed in many sources including
Duellman and Trueb (1994) and Norris and Lopez (2011). These are important factors in
natural breeding of amphibians, however they will not be discussed as in depth in order to
retain focus on the role of hormones in the reproductive cycle and gamete development,
as these are more crucial factors in assisted reproduction.
As previously discussed, gonadal steroids exert both negative and positive
feedback at both the level of the hypothalamus and the pituitary (McCreery and Licht,
1984; Stamper and Licht, 1994; Tsai and Jones, 2005; Tsai et al., 2005). Steroids secreted
by the gonad can also have effects on other sex steroids, as is the case for progesterone,
which is thought to be inhibited by estadiol (Lin and Schuetz, 1983). These feedback
systems are integral into the timing and control of the reproductive cycle regarding
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gametogenesis, behavior, and breeding. The rise of environmental contaminants and their
hormone-like (particularly steroid-like effects) pose a potential threat to amphibians. For
example, endocrine disrupting compounds can have estrogenic like effects, which can
disrupt development and sexual differentiation, as well as the reproductive cycle or
reproductive behaviors in adults (Kloas et al., 1999). Therefore, these compounds may
pose a serious direct or indirect threat to amphibian survival by skewing sex ratios,
lowering developmental rate/success, or modifying reproductive activities and gamete
development. In addition, understanding how endogenous steroid hormones play a role in
the development of gametes and regulation of reproduction is a necessity in artificial
manipulations of reproduction in amphibians. While exogenous steroid hormones are not
typically administered for assisted reproduction trials, these steroid hormones are affected
when other hypothalamic and gonadotropin hormones are given (Clulow et al., 2014).
Overall, the HPG axis is a complex, multifactor pathway which drives
reproduction in amphibians. A clear understanding of the hormone cascade, its internal
regulatory mechanisms, and its connection to gamete development and sexual behaviors
is crucial in attempting to manage reproduction in a captive setting. As discussed above,
this understanding remains elusive or complicated in many situations due to the fact that
many amphibian, and even specifically anuran species, show unique patterns in hormonal
regulation of reproduction, or at least slight variations to these patterns due to their
environment, type of reproduction, etc. Therefore, researchers must proceed with caution
and critical observation of reproductive response when using hormones to modify
reproduction patterns.
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Environmental factors influencing reproduction
While endogenous reproductive rhythms exist in amphibians, reproductive
patterns are also highly correlated with extrinsic factors, such as environmental changes,
in many species (Duellman and Trueb, 1994; Norris and Lopez, 2011). For anurans, the
importance of each factor varies by species and relates to its life history (Norris and
Lopez, 2011). Changes in the environment act as stimuli which affect signals to the
hypothalamus, the master gland of reproduction (Duellman and Trueb, 1994). For
temperate species, season is the main determinant of reproductive pattern, with certain
external factors that occur during only one part of the year serving as the stimulus for
reproduction (Norris and Lopez, 2011). For tropical and subtropical species, breeding can
occur year round, but often only occurs after a particular external stimuli event such as
rainfall (Norris and Lopez, 2011). Because slight shifts may occur in extrinsic factors
(temperature, rainfall, etc.) based on geography or annual differences, so too may the
timing of annual reproduction vary slightly from year to year, even in temperate, seasonal
species.
Temperature
In general, temperature is considered one of the most important signals regulating
reproductive and gonadal cycles in frogs and toads (Duellman and Trueb, 1994; Norris
and Lopez, 2011). This is logical considering the amphibian’s ectothermic nature which
ties metabolic processes with environmental temperature, and thus increases or decreases
in temperature may promote or inhibit gonadal development based on energy availability
(Wingfield and Kenagy, 1991). The influence of temperature is thought to be exerted at
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the level of the gonads, and potentially at the level of the pituitary (Duellman and Trueb,
1994; Wingfield and Kenagy, 1991).
Generally, for male anurans in temperate climates, gonadal growth and
spermatogenesis is positively correlated with increasing temperatures, though some
species may show thresholds above which spermatogenesis is again hindered (Norris and
Lopez, 2011; Wingfield and Kenagy, 1991). The ideal temperature varies by species, and
sometimes even species inhabiting the same area show differences in optimal temperature
to stimulate reproduction (Norris and Lopez, 2011). This is exemplified by two South
American species Leptodactylus ocellatus and Leptodactylus chaquensis who overlap in
range, but show distinct differences in the optimal temperature for generation of sperm.
In this region, temperatures vary between approximately 16°C and 28°C, and L. ocellatus
produces sperm continually throughout the year, suggesting that these temperatures are
the optimal range for spermatogenesis; however L. chauensis only shows
spermatogenesis when temperatures range from 20°C to 24°C (Cei et al., 1996). Many
tropical species show continuous spermatogenesis throughout the year because
temperature is relatively constant (Duellman and Trueb, 1994).
The role of temperature in the reproductive cycle of females has been less well
studied (Norris and Lopez, 2011). In some species such as Rana esculenta, clear
reproductive timelines exist, and the females exhibit stages of recrudescence,
vitellogenesis, breeding, and quiescence at predictable times of year (Rastogi et al.,
1983). The breeding females of R. esculenta produce several clutches during the breeding
season which spans from late March to early July (Rastogi et al., 1983). The importance
of time of year in reproduction and follicular development, likely driven by temperature
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and rainfall cues, is evidenced by the fact that young females who hatch out from
clutches laid earlier in the breeding season, are frequently reproductively competent by
the following year, however those young females that hatch out from later clutches, take
almost an additional year to become sexually mature and do not breed until they are
approximately 20 months old (Rastogi et al., 1983). The timing at which females hatch
out determines what environmental signals they receive at what age of life, and thus the
early hatching females likely receive sufficient environmental stimuli to promote
oogenesis and vitellogenesis and thus, can reproduce by the following year, whereas late
hatching females must wait an additional year to complete a full ovarian cycle (Rastogi et
al., 1983). The effect of temperature on the ovarian reproductive cycle may also be
related to vitellogenesis, as shown in Rana tigrina where artificially increased
temperatures in the winter enhanced previtellogenic follicle growth, while artificially
induced low temperatures decreased vitellogenesis when animals were housed under a
constant light cycle (Saidapur and Hoque, 1995). Similarly, even when exposed to
different light cycle lengths, bullfrogs housed at higher temperatures (30°) showed a
greater number of eggs with well-developed yolks, compared to those bullfrogs housed at
ambient temperatures, however temperature did not affect new oocyte proliferation and
production (Saidapur and Hoque, 1995). Therefore, as with males, females may show
optimal temperature ranges for gamete development, but these are also species-specific
(Norris and Lopez, 2011).
Rainfall
While temperature may play an important role in the control of reproductive
gonadal cycles, rainfall is a crucial environmental signal to induce breeding in many
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species (Duellman and Trueb, 1994; Norris and Lopez, 2011). Since many amphibians
require water for reproduction, it is logical that rainfall would act as an important
stimulus for breeding. It is thought that most anurans follow one of two patterns, where
tropical and subtropical species can reproduce throughout the year, but are reliant on
rainfall stimuli to induce breeding; and for temperate species, temperature and rainfall are
both necessary signals to stimulate breeding (Duellman and Trueb, 1994).
In typically wet, tropical habitats, the reproductive cycles of both males and
females frogs are continuous (Duellman and Trueb, 1994). This was well demonstrated in
Rana erythraea, a species inhabiting a tropical region in Borneo with high amounts of
rainfall throughout the year, where the male frogs showed secondary sex characteristics
and females had mature ova continuously throughout the year, demonstrating their ability
to breed year round (Inger and Greenberg, 1963). For frogs inhabiting tropical areas with
distinct wet and dry seasons, these animals rely heavily on rainfall cues to stimulate
breeding. This is evidenced by the example of several Venezuelan anurans which were
able to reproduce after an unexpected heavy rainfall during the time of year typically
considered to be the dry season, suggesting these animals are able to breed year round,
but rainfall, which commonly only occurs during the wet season, determines the timing
of breeding (Hoogmoed and Gorzula, 1979). Urinary steroid analysis of male and female
Fijian ground frogs demonstrated that despite their tropical habitat, they showed seasonal
breeding and hormone patterns based on the rainfall during the wet season (Narayan et
al., 2010). Those animals residing in arid climates will frequently wait until rainfall
occurs to breed, but this requires them to mount a reproductive response quickly and at
any time (Norris and Lopez, 2011). The physiologic pathways and patterns that allow
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some species to reproduce on an unpredictable schedule remains poorly understood
(Norris and Lopez, 2011).
For species residing in subtropical and temperate regions with distinct seasonal
rainfall patterns, such as those in the Johannesburg area of South Africa, reproduction
almost always follows rainfall (Balinsky, 1969). For most temperate anurans however,
temperature is the main extrinsic factor controlling reproduction, and rainfall is secondary
(Duellman and Trueb, 1994). Many temperate species show gonadal regression out of
breeding season (likely in response to temperature cues), suggesting that even if the
proper rain stimuli were to occur out of season, these animals would still be unable to
breed (Norris and Lopez, 2011). This is further demonstrated by species with wide
geographic ranges which demonstrate differences in breeding season based on location
(Duellman and Trueb, 1994). Frequently those populations residing in more southern
regions and lower elevations will begin to breed earlier in the season, and will likely
exhibit a longer breeding season, than those populations which are found in more
northern locations and higher elevations (Duellman and Trueb, 1994). Thus, for these
species, the temperature cues far outweigh any rainfall stimuli in driving reproduction.
Photoperiod
The importance of photoperiod in amphibian reproduction remains unclear. The
eyes, along with the pineal gland, take in and process light signals, and there are
projections from these organs to preoptic area of the hypothalamus, suggesting
photoperiod signals may have effects on reproduction, though this has not been proven
(Duellman and Trueb, 1994; Norris and Lopez, 2011). Melatonin is secreted by the pineal
gland in times of darkness, and it proposed to have an inhibitory effect on reproduction in
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some species (Reiter, 1991; Senger, 2012). It is suspected that in nocturnal amphibian
species, or those that live predominately underground, there is no role of photoperiod in
moderating reproductive cycles (Duellman and Trueb, 1994; Norris and Lopez, 2011).
No amphibian species studied to date have been classified as exclusively
photoperiodic, but for some species, photoperiod may play a permissive role, such that
temperature induced changes to the reproductive cycle can only occur under the correct
photoperiod cues (Norris and Lopez, 2011; Rastogi et al., 1978). In fact, under extreme
photoperiod manipulations, such as very long (21 hours of light) and very short (3 hours
of light) light cycles, primary spermatocytes were diminished, and a decreased number of
secondary spermatocytes and spermatids were observed—similar to what was seen in
frogs held at low temperatures (Rastogi et al., 1978). For some species, such as Rana
tigrina, discussed above, manipulations to photoperiod did not affect female oocyte
proliferation, and differences in follicular development were based on temperature alone
(Saidapur and Hoque, 1995).
The effects of blinding (and therefore removal of optic light input to the pineal
gland) results in stimulation of reproduction in some species such as Rana cyanophylctis
(Udaykumar and Joshi, 1996). R. cyanophylctis females that underwent both enucleation
of the eye and parietal shielding (essentially blocking all photoreception) showed the
highest gonadosomatic index, indicating development of the ovarian development
(Udaykumar and Joshi, 1996). Changes in follicular dynamics were also noted, based on
the treatments, and animals that had parietal shielding showed an increase in the number
of early follicles and atretic follicles and decreases in the number of well-developed
follicles (Udaykumar and Joshi, 1996). Therefore, the authors state that photoperiod cues
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are important in the follicular dynamics of this species and that the parietal eye is
important in the recruitment of oocytes from early growth stages to later growth stages
(Udaykumar and Joshi, 1996). Later studies with this same species again showed that
blinding increased gonadosomatic index, but administration of melatonin could reverse
this effect implying pineal secretions may play a role in reproduction (Joshi and
Udaykumar, 2000). In an in vitro setting, melatonin treatment interrupted GnRH induced
testosterone production in Rana esculenta testes cells, and Leydig cells showed
degradation of cell adhesion and nuclei when exposed to melatonin (d'Istria et al., 2004).
A comparative study of daily serum melatonin in two species Bufo viridis and Rana
esculenta, detected different patterns, with B. viridis displaying no discernable daily
rhythm of melatonin secretion, but R. esculenta demonstrating a daily melatonin cycle
(Serino et al., 1993). The inconsistencies between the species, draws into question the
role melatonin, and if it is indeed playing any role in reproduction.
As with many of the previously discussed factors, the photoperiod (as mediated
by the pineal gland and melatonin) may prove important in reproduction of only some
species. In addition, as highlighted by Norris and Lopez (2011) it is important to note that
there is no data demonstrating the pathway of pineal gland input directly effecting the
reproductive hormone cascade, and thus the role of photoperiod in mediating
reproduction remains undetermined.
Overall it is evident that environmental factors are important stimuli for
amphibian reproduction and highlights the plasticity of amphibian reproduction (Norris
and Lopez, 2011). In addition, the importance of their environmental cues also may be
the explanation for many of the problems encountered when attempting to breed
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amphibians in captive settings. The varied environmental cues can be difficult to simulate
in a captive situation, and all of the necessary cues may not be readily recognizable.
Continued understanding of the environmental cues driving amphibian reproduction is
also important considering that global climate change is causing worldwide alterations to
temperature and rainfall patterns. Deviations from previous temperature and rainfall
patterns may result in long-term consequences to the breeding patterns of many
amphibian species (Lannoo, 2005).
Species of Interest
Mississippi gopher frog (Lithobates sevosa)
The Mississippi gopher frog (MGF; Lithobates sevosa) is a medium sized frog
about 3 inches in size, showing black to gray coloration with dark spots and warts on its
back, and a light dusky spot pattern on its underside (USFWS, 2012b). It is designated as
critically endangered, and is considered one of the most endangered species in the world
(Hammerson et al., 2004a). As of 2012, only an estimated 100 individuals were left in the
wild in just two locations in southern Mississippi’s Jackson and Harrison counties
(USFWS, 2012a; USFWS, 2012b). Historically, the MGF was found throughout the
southern coastal plain of Louisiana, Mississippi, and Alabama, but its range and
population have since been reduced with animals disappearing from Alabama by 1922
and from Louisiana by 1965 (Hammerson et al., 2004a; Lannoo, 2005).
Species history
The MGF was first described by Goin and Netting (1940) as the distinct species
Rana sevosa. In later years, its designation as a unique species was revoked and it was
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reclassified as a distinct population segment (DPS) of the more wide spread gopher frog
(Rana capito) and became known as Rana capito sevosa, or commonly called the dusky
gopher frog (Lannoo, 2005; USFWS, 2001). In 2001, genetic analysis of Rana capito,
Rana capito sevosa, and another similar species Rana areolata was performed to clarify
the relationship between these taxonomic groups. It was found there was sufficient
evidence to classify all three of these groups as distinct species, and the authors of these
studies pushed to reinstate the Mississippi gopher frog (or dusky gopher frog) as a its
own species under the name Rana sevosa as originally proposed by Goin and Netting in
1940 (Young et al., 2001). Despite recognizing these findings by Young et al. (2001), the
United States Fish and Wildlife Service (USFWS), continued to refer to the Mississippi
gopher frog as a DPS of Rana capito, but ruled at the end of 2001 to designate the
Mississippi gopher frog a critically endangered species and provide protection under the
Endangered Species Act (USFWS, 2001). Along with this ruling, USFWS promised to
designate critical habitat and protect these areas as conservation strategy for the MGF,
however this was not undertaken immediately due to budget and workload constraints,
and instead was only addressed several years later when a lawsuit was brought by the
Center for Biological Diversity and Friends of Mississippi Public Lands for “failure to
timely designate critical habitat for the dusky gopher frog” (USFWS, 2012a). Ultimately,
the final ruling on this case in 2012 resulted in the study and total designation of
approximately 2,621 hectares of critical habitat for the dusky gopher frog across one
parish in Louisiana and several counties in Mississippi (USFWS, 2012a). Furthermore, in
this ruling USFWS noted that both names (Mississippi gopher frog and dusky gopher
frog) were used somewhat interchangeably, however the organization would proceed
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with using the name dusky gopher frog, despite previously using the name Mississippi
gopher frog. In addition, despite a push by a large portion of the scientific community, to
change the scientific genus from Rana to Lithobates USFWS continued to use the term
Rana in its rulings (Crother, 2012; USFWS, 2012a). For the purposes of this thesis, the
common name Mississippi gopher frog will be used, and the scientific name Lithobates
sevosa.
Ecology and life history
The MGF relies on the longleaf pine ecosystem which was formerly found
throughout much of the southeastern United States, particularly Louisiana, Mississippi,
and Alabama, but little of this habitat remains today (Lannoo, 2005; USFWS, 2012a).
The naturally occurring wildfires common to this ecosystem makes it suitable habitat for
the MGF, creating numerous underground retreats for the frogs to take refuge, and
keeping wetland areas clear enough to form ephemeral ponds necessary for successful
breeding (Lannoo, 2005; Tupy, 2012; USFWS, 2001). Typically adults reside in the
longleaf pine forests a majority of the year, and when stimulated to breed (typically
December through April) due to the environmental cue of heavy rainstorms, they will
migrate short distances to shallow ephemeral ponds which form from rainfall (Lannoo,
2005). Males are observed to arrive at the breeding sites first and chorus to attract the
females who lay an estimated 500-2,800 eggs (Lannoo, 2005). The temporal ponds are
key to each year’s reproductive success, as they decrease the number of natural predators
(such as fish) to the MGF eggs and larvae, but the ponds must be maintained sufficiently
long to allow for a 81-179 day developmental period (Lannoo, 2005; Richter et al., 2003).
Yearly differences in the environmental factors such as wildfire and hydroperiod can
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have severe consequences for the reproductive success of the species (Richter et al.,
2003; Tupy, 2012). The extensive destruction of the longleaf pine ecosystem,
urbanization, and subsequent suppression of natural wildfires are thought to be the major
reasons for the decline in gopher frog populations (Hammerson et al., 2004a; Tupy,
2012). The delicate balance of the longleaf pine ecosystem is difficult to replicate when
restoring habitat, and continued urban expansion and forestry practices have limited the
amount of remaining suitable habitat (Hammerson et al., 2004a; USFWS, 2012a). In
addition to habitat alteration, minor threats to the species include disease and introduced
chemicals to the environment (Hammerson et al., 2004a). The limited number of
breeding sites makes this species at high risk of extinction should some major change or
catastrophic event befall the breeding areas (Hammerson et al., 2004a; USFWS, 2012a).
Little is known about juvenile MGFs following metamorphosis (Tupy, 2012), but
males are thought to reach sexual maturity at approximately 4-8 months of age, while
females are not mature until 2-3 years (Lannoo, 2005; Richter and Seigel, 2002). Despite
a relatively long estimated lifespan (6-10 years), Richter and Seigel (2002) suggested
adult MGFs only bred an average 1.2 seasons, though they observed some individuals to
breed for 3-5 seasons, and they noted a high population turnover between years. The low
amount of reproductive output may be a limiting factor to any population rebound
(Hammerson et al., 2004a). The MGF does not hibernate and feeds year round on a
variety of insects, worms, and occasionally other frogs and toads (Lannoo, 2005).
Conservation actions
In addition to designating the MGF as an endangered species and the
establishment of critical habitat, USFWS has established partnerships with a number of
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conservation groups, university research departments, and zoological groups to attempt to
recovery and further study the species. Proposed or ongoing projects include: increased
management of land where MGFs are found; restoring breeding habitat; housing
genetically valuable animals in zoos to protect against extinction in the wild and perform
captive propagation of the species through the use of assisted reproductive technologies
(ART); and reintroduction programs (Lannoo, 2005; USFWS, 2012b). Annual estimates
of the breeding population and surveys of recruitment to the breeding ponds are also
performed (USFWS, 2012b).
One concern for the future of the MGF is the small number of remaining
individuals in situ and limited number of locations at which the species is found (Richter
et al., 2009; USFWS, 2012b). The low number of breeding individuals in the two
populations puts the species at risk for a genetic bottleneck or inbreeding (Richter et al.,
2009; Richter et al., 2003). Furthermore, studies by Richter et al. (2002; 2003) showed
high variability in reproduction rate and environmental characteristics necessary for
breeding success. These factors, paired with an overall high rate of reproductive failure
(Richter et al., 2003), suggest the MGF is at great risk of extinction. Despite the many
anthropogenic and biological factors stacked against them, the initial start to the 2015
breeding season appeared promising, and showed the greatest number of egg masses seen
in many years in both ponds where the frogs are currently found (J.A. Tupy, personal
communication). If the gopher frog can continue the breed successfully for several years,
and potential population supplements can be made from animals produced in captive
breeding populations, this species may be spared from extinction (Richter et al., 2009).
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Boreal toad (Anaxyrus boreas boreas)
The boreal toad Anaxyrus boreas boreas is considered a subspecies of the more
common western toad (Anaxyrus boreas), which is found throughout western North
America including the continental United States, Canada, and a small portion of Alaska
(Lannoo, 2005). There has been much dispute over whether the boreal toad should be
considered its own species, and if it requires additional protections over the western toad
(Lannoo, 2005). The western toad species as a whole is only considered near threatened
(Hammerson et al., 2004b), but extreme declines in certain regional populations of its
subspecies, such as the Southern Rocky Mountain population (SRMP) of boreal toads,
has resulted in heighten conservation status at the state level in some areas and again
brought up arguments for a change in taxonomic classification to further protect the
boreal toad (Lannoo, 2005; Loeffler, 2001). The SRMP of boreal toads were once
common throughout the mountainous regions of Colorado, Wyoming, and northern New
Mexico (Loeffler, 2001). Although habitat loss and alteration have played a role in the
population decline of the western toad as, disease has been the predominant cause of
death for the western toads and particularly the boreal toad (Hammerson et al., 2004b;
Lannoo, 2005; Muths et al., 2003).
Species history
The boreal toad was previously listed under the scientific name (Bufo boreas
boreas) as a subspecies of the widespread western toad (Bufo boreas), however in recent
years the genus for both groups has been changed to Anaxyrus (Crother, 2012). Because
of its geographic isolation from other western toad populations and some differences
biochemical characteristics, a number of biologists have argued for a taxonomic
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separation of the boreal toad from the western toad (Lannoo, 2005). However these
models have not been officially adopted and instead attention has been focused on
particular populations of boreal toads, such as the SRMP, which have shown drastic
declines since approximately the 1980s when researchers began to study these toads more
closely (Lannoo, 2005; Loeffler, 2001). The SRMP of boreal toads will be the main
group of interest discussed in this review.
Historically, little research regarding population numbers and dynamics was
performed on the boreal toad specifically, however large scale die-offs in the 1980’s
alerted researchers that this population was in trouble and needed additional attention
(Corn et al., 1997; Loeffler, 2001). A boreal toad recovery program was established in
1997 to further study the species and action plans were created for conservation purposes
(Loeffler, 2001)—see Conservation actions section below. The fungal disease
Batrachochytrium dendrobatitis (Bd), commonly known as chytrid, was proposed to be
the cause of the mass die-offs and continues to be a threat for the species today
(Hammerson et al., 2004b; Muths et al., 2003).
Ecology and life history
Anaxyrus boreas boreas is a dark to olive colored toad with dry, warty,
sometimes dark-spotted skin (Keinath and McGee, 2005). The ventral side of the toad
shows a pattern of dark spots which is unique for each individual and can be used to
identify specific individuals (Keinath and McGee, 2005). Adults are typically 3 to 4
inches in size for females, with males being slightly smaller 2.4-3.2 inches (Keinath and
McGee, 2005; Lannoo, 2005). Diet generally consists of various arthropods, though the
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toads have been observed to consume any animal smaller that itself (Campbell, 1970;
Keinath and McGee, 2005; Lannoo, 2005).
Boreal toads can be found in a range of habitats including wetlands, forests,
meadows, and floodplains in both the mountains and valleys (Keinath and McGee, 2005).
The SRMP typically resides in more mountainous terrain and at higher elevations of
approximately 2,200 to 3,700 m in Colorado and parts of Wyoming and New Mexico
(Keinath and McGee, 2005; Loeffler, 2001). The extreme environmental conditions faced
by the boreal toad at high elevations drive its overall life history and particularly its
breeding characteristics, and slight variations are seen in the reproductive and hibernation
timelines for boreal toads found at lower versus higher elevations (Lannoo, 2005). Boreal
toads in Colorado are observed to move to hibernation burrows starting in late August or
September and remain in a state of torpor until snowmelt begins—typically in May
(Jackson, 2008; Lannoo, 2005). Upon reemergence from hibernation, they migrate short
distances to slow or non-moving ponds and lakes for breeding and egg laying. Males
grasp females in amplexus (an amphibian reproductive behavior) which stimulates the
female to deposit long strings of double rowed strands of eggs (typically 3,000 to 11,000)
covered in jelly in the shallow edge waters of the breeding ponds and lakes (Keinath and
McGee, 2005; Lannoo, 2005). It has been suggested that females may only breed once
every other year, contributing to the slow regrowth of the population (Lannoo, 2005). The
toads are thought to reach sexual maturity at 4-6 years of age, and toads in Colorado have
been proved to live up to 9 years, though the lifespan is thought to be even longer
(Lannoo, 2005).
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Conservation actions
Because the boreal toad is considered a subspecies of the less protected western
toad, there are no special federal regulations for boreal toads. In response to the mass dieoffs observed in the 1980’s, individual state protections were established to protect the
population, with New Mexico and Colorado listing the boreal toad as “endangered”, and
Wyoming placing it under the “Native Species Status 1” meaning it is a rare and
declining species (Loeffler, 2001). A push was made to list the boreal toad under the
Endangered Species Act in 1993, but it was deemed “warranted, but precluded” and not
added (Loeffler, 2001). A multi-agency recovery team headed by the Colorado Division
of Wildlife was established for the species in 1994, and eventually lead to the formation
of a formal recovery plan first published in 1998, with an update in 2001 (Loeffler,
2001).
This recovery plan stimulated a large scale conservation effort which produced a
growth of knowledge and research about breeding sites, disease dynamics, water quality,
recreational land management, population modeling, genetic management, animal
translocations, and reintroductions through yearly surveys of breeding areas and the
establishment of a captive breeding population at the Native Aquatic Species Restoration
Facility (NASRF) in Alamosa, CO (Jackson, 2008). As of 2007, 80 breeding sites for 44
populations were noted, with 40 sites being designated as “active” for breeding (Jackson,
2008). Disease studies for 2007 also showed that 22 breeding sites were positive for Bd,
35 were negative, and 22 had not been tested (Jackson, 2008). Limited numbers of
tadpoles produced from the captive breeding population were released at several sites in
2006 and 2007 (Jackson, 2008). A partnership formed with the Memphis Zoo formed in
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2008 brought about an increase in captive produced offspring at NASRF with the
introduction of ART to assist in breeding the captive colony (Thompson, 2011). Tadpoles
produced from the captive breeding population were introduced to wild breeding sites in
2014. Boreal toad and Bd surveys have continued through the recent years and remain
ongoing (Thompson, 2011).
The increase in research and efforts exerted to conserve the boreal toad are
promising for its future, however there are many remaining challenges to preserving this
toad including the ongoing disease issues, environmental changes, and basic biological
characteristics, such as slow growth and low reproduction rate, which hinder the
population from quickly returning to its former range and abundance (Lannoo, 2005).
However, the concerted effort to save the boreal toad is inspiring, and continued research
will hopefully result in an increasing, or at least stable population trend over time.
Fowler’s toad (Anaxyrus fowleri)
Anaxyrus fowleri or the Fowler’s toad is a common species occurring throughout
most of the eastern United States (excluding parts of northern New England and the
peninsula of Florida) and even extends in range up to the Lake Erie shores in Canada
(Hammerson, 2004; Lannoo, 2005). Its exact range is difficult to pinpoint due to its
widespread nature, and slight regional variations can be observed in the species (Lannoo,
2005). Overall, the Fowler’s toad population is thought to be stable and they are
considered a species of least concern (Hammerson, 2004).
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Species history
The Fowler’s toad has a somewhat convoluted history. Originally described as
Bufo fowleri in the late 1800’s, it was thought to only be found in Massachusetts
(Lannoo, 2005). Eventually it was realized, the species had a much broad range and was
found throughout most of the eastern United States (Lannoo, 2005). However its true
range and species characteristics remained uncertain, as the Fowler’s toad was considered
for a time to be a subspecies of the Woodhouse’s toad (Bufo woodhousii), and the
Fowler’s toad was classified as Bufo woodhousii fowleri (Lannoo, 2005). Adding to the
confusion was the fact that the Fowler’s toad and the American toad (Anaxyrus/Bufo
americanus) could hybridize and it became questionable if these were separate species
(Crother, 2012). The issue was finally put to rest in the early 2000’s when genetic
analysis showed the three species (woodhousii, americanus, and fowleri) to be distinct
from one another (Masta et al., 2002). Interestingly, Masta et al. (2002) also found that
within the fowleri species there were three separate clades of genetically divergent
mitochondrial DNA depending on geography of the species. This divergence was also
confirmed by Smith and Green (2004). Nonetheless, the Fowler’s toad was demonstrated
to be its own species, however hybridization was observed to be possible as described by
both groups (Masta et al., 2002; Smith and Green, 2004).
Similar to the boreal toad, recent naming revisions have now classified the
Fowler’s toad under the genus Anaxyrus, and the species is now called Anaxyrus fowleri
(Crother, 2012).
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Ecology and life history
Fowler’s toads are a small (5-8 cm) anuran which generally ranges in color from
red to brown to gray, with darker spots on its back, typically with three warts per spot
(Thomas, 2008). They are common in a variety of habitats including scrub and wooded
areas, floodplains, and agricultural areas (Hammerson, 2004; Lannoo, 2005). The toads
exhibit a relatively short lifespan, lasting a maximum of five years in the wild, though
shorter lifespans are often seen (Lannoo, 2005). Their diet consists of a variety of
arthropods, however ants and beetles appear to be its dominant food choice (Clarke,
1974b). True hibernation is not observed for the species, however they may overwinter in
burrows or become dormant for an extended period of time, particularly in regions of the
country displaying colder temperatures (Clarke, 1974a; Lannoo, 2005).
Breeding periods are variable depending on the region in which the Fowler’s toad
resides, with breeding beginning earlier in the spring in the more temperate, southern
parts of the country, and beginning later for more northern populations (Lannoo, 2005).
Toads will congregate at breeding ponds with the males producing a call to attract
females, whom frequently select the most intense and persistent callers (Given, 1996;
Lannoo, 2005). Breeding occurs in the shallow water of ponds and lakes, and females
produce long stands of eggs, with clutches of 2,000 to 7,000 have been reported, but an
average of 3,700 is common (Lannoo, 2005). The larval stage lasts between 40 and 60
days, and most metamorphic growth is thought to be rapid, however sexual maturity is
not generally reached until two years of age (Lannoo, 2005).
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Conservation action
Considering the conservation status of the Fowler’s toad is “least concern”, there
are no current plans or laws protecting the species. The population is considered to be
stable overall, however it is arguable the Fowler’s toad could threatened by any number
of the many issues, such as habitat destruction, urbanization, disease, pollution, and
environmental change, which affect amphibians as a whole (Hammerson, 2004; Lannoo,
2005). Indeed, several small regional declines in Fowler’s toad populations have been
noted throughout the United States (Lannoo, 2005). For example, declines in have
occurred in Louisiana due to anthropogenic effects which have allowed competing toad
species to replace the Fowler’s toad in degraded habitat systems (Vogel and Pechmann,
2010), or human induced landscape changes have resulted in reduced occupancy (Jones
and Tupper, 2015). In Canada, the Fowler’s toad is considered endangered due to its
limited range and decreasing population trend (Yagi and Green, 2013). In the future,
disease may play a role in the decline of the species, as the Fowler’s toad is susceptible to
fungal diseases such as Bd (Goodman and Ararso, 2012; Kouba, 2012; Venesky et al.,
2009).
However, when utilized carefully and in moderation, the common nature of the
Fowler’s toad makes it an excellent model species for testing ART. The use of a model
species allows researchers to study and predict effects of treatments before trialing them
on more endangered species (Clulow et al., 2014) such as the boreal toad and the
Mississippi gopher frog.
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Amphibian assisted reproductive technologies (ART)
Overview of amphibian ART
Assisted reproductive technologies, or ART, encompasses a wide variety of
techniques which can be utilized to help breed, collect gametes, and preserve the genetics
of a species. Strategies for ART may include exogenous hormone treatments to stimulate
gamete production or breeding; artificial or in vitro fertilization; cryopreservation of
gametes or embryos for long term genetic storage; de-extinction; and even cloning
(Clulow et al., 2014; Kouba et al., 2012a; Kouba et al., 2009). ART is crucial when a
species does not reproduce on its own, or shows reduced reproductive output, as is
commonly seen with amphibians in captivity (Kouba et al., 2012a)
In recent years there has been a huge surge in the use of ART in CBPs of
amphibians due to the previously mentioned difficulty of breeding amphibians in ex situ
conservation programs. ART use has been particularly prevalent following the
establishment of the Amphibian Ark in the mid-2000’s, which helped outlined and
establish amphibian CBPs at a number of zoos and conservation institutions (Zippel et
al., 2011). Amphibians are actually very well suited for ART use, due to their life history
traits (Bloxam and Tonge, 1995; Clulow et al., 2014; Griffiths and Pavajeau, 2008).
Many amphibians exhibit external fertilization, making it relatively easy to collect and
work with the gametes, and their generally high reproductive output means that many
gametes and offspring can obtained from a single reproductive event (Bloxam and Tonge,
1995; Clulow et al., 2014). In addition, their generally small size allows for a greater
number of animals to be held, unlike many higher vertebrate species which have greater
spacing and maintenance needs (Bloxam and Tonge, 1995). The innate developmental
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biology of amphibians also lends well to reintroduction programs, as they are less likely
to become dependent on human care for survival (compared to higher vertebrates),
allowing translocations to occur with minimal animal preparation or training (Bloxam
and Tonge, 1995; Griffiths and Pavajeau, 2008).
Despite the numerous advantages to captive breeding of amphibians and the
growth of amphibian ART knowledge in recent years, research in the field of amphibian
ART is lagging in comparison to mammal species (Clulow et al., 2014). Even amongst
amphibians, there is a huge gap between what is known about reproduction in frogs and
toads, compared to what is known about salamander and caecilian reproduction (Clulow
et al., 2014). Furthermore, despite some of the advantages of applying ART to
amphibians, one of the greatest challenges comes from the fact that the wide variety of
amphibians and their specialized life history traits means ART techniques are not
frequently transferable across species, even amongst closely related species (Clulow et
al., 2014; Kouba et al., 2012a). This often means that when working with a new species, a
novel set of species-specific techniques may need to be developed in order to
successfully achieve reproduction.
The development of exogenous hormone treatments or therapies are one of the
most important steps in amphibian ART. Historically, male anurans were sacrificed and
the maceration of the testes was performed to collect sperm for artificial fertilization
(Clulow et al., 1999). While effective, this is not practical when working with threatened
and endangered species (Clulow et al., 1999). And thus, exogenous hormone stimulation
is an important alternative which can be effective in overcoming reproductive
dysfunction and induce breeding behavior or gamete production in amphibians without
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requiring sacrifice of the animal (Kouba et al., 2012a; Kouba et al., 2009). For male and
female anurans, early evidence for the use of exogenous hormone treatments in
stimulating gametes came from the human pregnancy tests performed by physicians
which involved injecting human urine into a frog which causing spermiation or ovulation
in the frogs if the patient was pregnant due to the high concentrations of human chorionic
gonadotropin in pregnancy urine (Bettinger and O'Loughlin, 1950; Clulow et al., 1999;
Kouba et al., 2012a).
Hormone therapy can be targeted at various levels of the HPG axis, with some
treatments directly stimulating the gonads (such as pituitary gonadotropins, and
hormones that have gonadotropic actions), and other treatments that indirectly stimulate
the gonads by acting at the level of the brain to produce downstream effects in the
hormone cascade (Kouba et al., 2012a). Many of the hormone treatments used in ART
evolved from or have their basis in knowledge gained from using amphibians in
reproductive research (Kouba et al., 2012a). Until gametes can be reliably obtained, many
other ART strategies, such as cryopreservation and in vitro fertilization, cannot be
applied. Therefore, this review will mainly focus on hormonal stimulation and the steps
involved in this process in the following sections.
Techniques for identifying the biological sex of frogs
An obvious first step in successfully reproducing any species, is being able to
accurately distinguish males from females in order to properly pair animals for natural
breeding, or collect the type of gamete (eggs or sperm) desired. Biological sex in
amphibians is innately determined by a number of genetic, and later downstream
hormonal pathways (Nakamura, 2009; Norris and Lopez, 2011). These pathways are
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complex and beyond the scope of this review, however it is thought that many of the
same pathways that are involved in mammalian sex determination were conserved
evolutionarily and thus, are also important pathways in the frog (Norris and Lopez,
2011).
While distinguishing males from females may be an easy task in a sexually
dimorphic species, it can be more challenging in monomorphic species or when dealing
with young, sexually immature animals. In choosing which techniques should be used to
ascertain the sex of an individual, a balance must be struck between obtaining an accurate
result, but also having a technique that is consistent, easy to perform, efficient, and cost
effective. The following section will discuss various strategies for identifying biological
sex of anurans, while also exploring some of their benefits and disadvantages.
Morphological and physical methods
There are several potential morphological, or physical differences between male
and female anurans which can be studied and potentially used to identify sex. One of the
commonly observed differences between the sexes is the discrepancy in body size, with
females being larger than males in an estimated 90% of anuran species (Shine, 1979).
Snout-vent length (SVL) or snout-urostyle length (SUL) are common body length
measures used for amphibian studies. An example of this, is the bullfrog (Rana
catesbeiana), in which a population was studied across multiple years and females were
found to be significantly longer in length than males across the three years (Howard,
1981). The frogs were observed to continue to grow as adults, but there was a difference
in growth rate between the sexes (Howard, 1981). This study was able to follow animals
with known ages, making comparisons easier, however in some situations, particularly
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with wild caught animals, the ages may not be known, and therefore it becomes
challenging to compare animals which may be of different age classes. In these
situations, it may be difficult to distinguish between the sexes without other sex
identification techniques. For some species there may be exceptions to the trend of larger
females. This is seen particularly in species which demonstrate male combat, where
males are likely to be as large as, or larger than the females (Shine, 1979). Another
challenge may arise in species with wide ranges, where there can be intraspecific
differences in morphology based on geography. This has been observed in several
species, including the Australian frog Limnodynastes tasmaniensis (Schauble, 2004).
Females were significantly larger than males, however there was overlap between size of
the sexes highlighting that this was not a definitive measurement (Schauble, 2004). As a
population, both male and female inland L. tasmaniensis tended to be larger than those
living in the coastal areas, (Schauble, 2004), again complicating the use of size
measurements for sex identification purposes.
Predominantly in the literature, a measure of anuran body size was taken using
SVL or SUL length. However, body weight or mass could also potentially be measured.
Mass measurements were taken in a study of potentially dimorphic traits in Leiopelma
pakeka, however this was only discussed in relation to a model built mainly on the SVL
measurement (Germano et al., 2011b). As with length measurements, there are numerous
confounding factors to weight measurements, such as differences in water absorption
between animals, weight differences based on food availability, or differences based on
time of year, particularly in females when the gonadosomatic index can increase or
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decrease dramatically at certain times of the year based on oocyte development or egg
laying (Duellman and Trueb, 1994; Kuramoto, 1978).
In addition to size differences, there may be other species-specific physical
differences between the sexes. These may include differences in coloration/markings,
skin texture, nuptial pads, throat patches or vocal sacs, spines, tusks, glands, etc.
(Duellman and Trueb, 1994; Norris and Lopez, 2011). Many of the secondary sexual
characteristics, such as nuptial pads, spines, and throat sacks, are under the control of
steroid hormones and are commonly seen only on the males, however in some species
females may have dermal fringes on certain digits (Duellman and Trueb, 1994; Norris
and Lopez, 2011). Nuptial pads and vocal sacs are two of the most distinguishing male
characteristics, however they may be more or less visible based on time of year and
hormone levels relative to breeding season (Duellman and Trueb, 1994). These
characteristics, if present in a species, may be easy measures to obtain, and may be fairly
reliable. However, these characteristics may not be easily definable in all individuals—
for example, males may not show nuptial pads due to low hormone concentrations,
sexually immature state, or time of year. For animals raised or held in captive breeding
populations, secondary sex characteristics may be reduced or absent, as has been
observed in the Mississippi gopher frog (Kouba and Vance, 2009). Females may appear
gravid at certain times of year, or eggs may be palpable, but this is again only a
seasonally useful identification method, and some species may have skin too thick to
easily conclude the sex based on palpation (Reyer and Bättig, 2004).
With any of these morphometric or physical measurements there are additional
confounding factors which are brought about by the researcher performing the
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measurement. Several articles have been published cautioning about inter-observer
variation, and even intra-observer variation, particularly in relation to body length
measurements (Hayek et al., 2001; Lee, 1990). In addition there can be differences just
based on the type of measurement used, for example snout-vent length versus snouturostyle length—where SUL may be preferable in preserved frogs due to nature of the
position in which frogs are preserved (Hayek et al., 2001; Lee, 1982). Working with
preserved frogs in addition to live specimens introduces another variable which can
complicate measurements and introduce further variation (Lee, 1982). Even when
analyzing physical characteristics, there can be differences in how observers view a
particular trait (Lee, 1990). This can be overcome by using a single observer, however
intra-observer variability or overlap in measurements between the sexes may still exist.
Of course, the physical identification of sex can be made through sacrifice of the
animal and performing a necropsy to examine the gonads. This may be an acceptable
method in some studies when the animal was to be sacrificed as part of the experimental
design, or when the animal can be sacrificed after all sample/data analysis has been
completed, and the sex can be recorded retrospectively. However, this is an impractical
method in many situations, since the animals can no longer reproduce once deceased.
This is also potentially costly, as animals must be replaced once they are sacrificed if
further research studies are to be performed. Furthermore, in instances where endangered
species are involved, it is impractical to sacrifice what few animals of the species exist in
order to prove the sex of an animal. In some situations hermaphroditism may be
observed, complicating what otherwise should be a straightforward answer. Examples of
hermaphroditism have been described in Rana pipens (Christensen, 1929) and Rana
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temporaria (Witschi, 1929) to name a few species, and this may become an increasingly
common finding given that certain fertilizers and other compounds released into the
environment have been shown to induce hermaphroditism in amphibians (Hayes et al.,
2002). Thus, for ethical, cost, and potentially even accuracy reasons, alternative methods
to animal sacrifice should be used to identify sex.
Behaviors
Certain behaviors may assist a researcher in identifying the sex of a frog. Only
male frogs are observed to produce advertisement, or breeding calls (Duellman and
Trueb, 1994). There is a large body of evidence regarding vocalizations in anurans which
is reviewed in Duellman and Trueb (1994) This can be a good way during breeding
season to identify males, particularly for in situ collections, however its use outside of
breeding season will be limited. Another breeding behavior, amplexus, may be useful in
determining males, since in many species males will climb onto the back of a female and
grasp her sides to assist in the expression of eggs (Duellman and Trueb, 1994). Males are
sometimes observed to amplex other males, therefore, the individual being amplexed is
not guaranteed to be a female (Duellman and Trueb, 1994). Lastly, observation of an
individual expressing eggs can be used to identify a female, however this requires the
researcher to be in the correct location at the proper time, and may occur only
opportunistically.
Some groups may try to use exogenous hormone injections to stimulate behaviors,
such as calling, and potentially even enhance physical traits such as nuptial pads (Kouba
and Vance, 2009). This may be an acceptable tactic in some situations, and would be
particularly useful for identifying males, however it requires that a safe and effective
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hormone protocol has been developed for the species. Furthermore, it requires additional
animal handling, requires additional costs due to hormone usage, and a recovery period
will be necessary following hormone administration. Therefore this may be a rather
inefficient and expensive process.
Hormone analysis
Analysis of hormone concentrations may be a useful tool to identify the sex of an
individual animal. This can be performed using a variety of sample types including
blood, urine, feces, and potentially other secretions, and samples can be analyzed using
radioimmunoassay, enzyme immunoassay, chemiluminecent assays, or high pressure
liquid chromatography (Brown et al., 2004; Kouba and Vance, 2009). Blood samples
have been used in a variety of anuran hormone studies (see previous sections), but this
has not generally been performed for sex identification, as it can be an invasive technique
or require sacrifice of an animal (Hogan et al., 2013). Sex identification has been
successfully performed in several anuran species for fecal (Szymanski et al., 2006) and
urine (Germano et al., 2009) samples. For some species this may be a useful tool for
identification at any time in the year, in comparison to certain physical or behavioral
traits which may be evident only at certain times of year (Germano et al., 2009).
Results of sex identification studies varied based on sample type, species, and
hormones analyzed. This is exemplified by the fecal analysis of American toads and
boreal toads on the same assay systems, where testosterone metabolite concentrations,
but not estradiol were significantly different is males versus females for American toads
(Szymanski et al., 2006). Conversely, in boreal toads estradiol concentrations were
significantly different between the sexes, but testosterone was not different (Szymanski et
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al., 2006). This highlights that there are species-specific differences in the hormone ratios
and several hormones may need to be tested find concentration differences between the
sexes. Fecal analysis of a monomorphic species Geocrinia alba, showed that the ranges
of testosterone and estrone metabolites measured in adults overlapped between the sexes,
but when a ratio of testosterone to estrone metabolites was calculated, there was a
distinction between the sexes, with males showing higher values (Hogan et al., 2013).
Another important finding from this study, demonstrated that juveniles could be
relatively accurately (75%) sexed using this method, providing evidence that hormone
monitoring may be a useful tool before animals reach sexual maturity and physical
differences may become apparent (Hogan et al., 2013).
A study of urinary hormone concentrations in the southern bell frog (Litoria
raniformis), monitored for differences in hormone concentrations between the sexes, as
well as looked into differences based on time of year (Germano et al., 2009). Seasonal
increases in urinary estrone, progesterone, and testosterone concentrations were observed
in females, while for males only testosterone and progesterone were elevated during
breeding season (Germano et al., 2009). On average, males showed significantly higher
concentration testosterone compared to females in the breeding season, but not during
non-breeding season, however even in the breeding season, there was an overlap between
testosterone concentrations in some female samples with male samples. Alternatively,
estrone was shown to be a reliable measure for discriminating between the sexes at any
point in the year for almost all cases, with females showing significantly greater
concentrations both during and out of breeding season compared to males (Germano et
al., 2009). Southern bell frogs are a dimorphic species, however urinary estrone was
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again shown to be a useful and very accurate tool (up to 94% accurate) in identifying sex
in a monomorphic species Leiopelma pakeka, demonstrating hormone analysis may be an
accurate tool across many different anurans (Germano et al., 2012).
In addition, each sample type has its own advantages and disadvantages. Blood
samples may provide the greatest concentration of the parent hormone or biologically
active hormone forms (Brown et al., 2004), but blood may be invasive to collect and
sample volume may be limited, particularly from small frogs. Fecal and urine collections
are less invasive, however fecal samples can be difficult to collect unless the individual
of interest is separated from all conspecifics for potentially long periods of time (Brown
et al., 2004). Urine is a useful option, particularly in field settings, but additional analysis
such as specific gravity or creatinine must be performed to account for variation in water
between the samples. Fecal and urine samples tend to be more representative of
metabolites of the parent hormone, as modifications are made to inactivate the steroid as
it is processed in the liver or kidneys for excretion (Brown et al., 2004). Therefore,
depending on the analyte of interest, the species, and the assay used, these metabolites
may be more or less detectable (Brown et al., 2004). With any new hormone, sample
type, and species, validations must be performed to confirm the assay is truly detecting
the hormone of interest and doing so in a predictable fashion (Brown et al., 2004). These
tests can be somewhat laborious at times, but are a necessary analysis step. Some sample
types may also simply be too low in concentrations to detect using these methods, and
thus, hormone analysis may not be feasible.
Another drawback to this technique is that the researcher must be familiar with
the assay technique and have the proper equipment (reagents, laboratory consumables,
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plate reader or gamma counter, etc.) to complete the assay. These supplies can be costly,
or may not be readily available in a field setting. However, for captive house animals, or
in situations where samples can be stored and returned to the lab, hormone analysis for
sex identification is likely to be an accurate technique without severe disadvantages.
Ultrasound and other technologies
A review of the literature showed limited information regarding ultrasound
analysis for sex identification or reproductive monitoring of anurans in general. There
have been a few articles published regarding ultrasonography of amphibians for medical
uses (Mannion, 2008; Schildger and Triet, 2001). Ultrasound has been used to sex several
reptile species fairly successfully by visualization of the gonads (Morris and Alberts,
1996). Some research groups have utilized ultrasound to determine reproductive status of
female anurans (Reyer and Bättig, 2004), suggesting this technology may have
applications for sex identification in anurans as well. The testes of frogs are small and
difficult to see using ultrasound, but if ovaries or eggs are visible during imaging, the
individual can be determined to be female, particularly if she is gravid (Mannion, 2008;
Schildger and Triet, 2001; Stetter, 2001). In some cases though, such as females with no
eggs, or minimally developed follicles/eggs, it may be difficult to accurately distinguish a
female from a male. Ultrasound images may also appear slightly different based on
species, complicating use of this technology (Mannion, 2008; Schildger and Triet, 2001).
The skin of an amphibian allows the ultrasound waves to easily penetrate and anesthesia
is not necessary, thus this is an easy and non-invasive tool assuming the subject is of
sufficient size (Schildger and Triet, 2001). Transabdominal ultrasound as a sex
identification tool or for other reproductive studies may be worth further exploration.
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Near infrared reflectance (NIR) spectroscopy is a technique which measures the
characteristic absorption patterns produced by the vibrations of particular chemical bonds
(Davies, 2005). Spectra are produced and show unique patterns based on the chemical
bonds of the molecules being studied (Davies, 2005). This technique may also have
applications for amphibian conservation. Evidence is growing that NIR scans may be
able to detect differences between males and females, however the exact compounds
responsible for the detected differences have not been elucidated (Vance et al., 2014).
Still for three species (Fowler’s toad, boreal toad, and Mississippi gopher frog) NIR
analysis was able to successfully separate males and females in most cases (Vance et al.,
2014). In addition to ultrasound and NIR, other more invasive technologies, such as
endoscopy and laparoscopy, allow visualization of the gonads. These methods have been
discouraged in the literature however, as they are invasive and potentially dangerous,
making them particularly unfavorable for endangered species (Kouba and Vance, 2009).
For any of these technology based techniques there are disadvantages based on
equipment costs alone. These machines may cost thousands of dollars, not to mention
require a trained technician, or at least extensive training to use be used properly.
Nonetheless, if they are available resources, they may be useful tools to help clarify the
sex of individuals.
Genetic
The use of genetic analysis to identify the sex of an anuran may seem like it has
the potential to provide a clear and accurate answer. However, this technique can quickly
become complicated in practice. It has been estimated that only 4% of amphibians have
differentiated sex chromosomes, and depending on the species, the male or the female
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can be the heterogametic sex (XX/XY, or ZZ/ZW systems respectively) (Norris and
Lopez, 2011). Thus, when studying a new species, there is much work necessary to
determine the sex genes and what system is utilized by the species. Even then, within a
species, populations may show variation in the heterogametic sex. Within the Japanese
frog Rana rugose, geographically separated populations show XY chromosomes in some
regions, but ZW in other areas (Miura, 2008). There are a number of other oddities
observed in anurans including polyploidy and aneuploidy, which are fascinating and
provide important information about sex determination mechanisms (Green, 1988;
Malcom et al., 2014), but ultimately complicate the study of genetic sex in amphibians.
Therefore, sex identification via genetic analysis is likely to be an arduous task and may
be best avoided. There are also equipment and cost concerns with this method that may
preclude most research teams from using this technique for sex identification.
Conclusions
Overall there a number of different techniques that may be trialed for sex
identification in frogs. Each has their own advantages and disadvantages when it comes
to ease, efficiency, cost, and practicality. When this type of study is to be undertaken,
each research group must decide what techniques are feasible for their timeline and
budget, balanced with their need for an accurate answer. Depending on how necessary it
is to obtain the correct identification of sex, a simple physical and behavioral analysis
may provide a “good enough” answer, however for some teams more labor intensive or
expensive measures will be necessary to ensure a more accurate answer. Potentially a
combination of methods would be the most useful for accurate sex identification in
difficult to characterize species.
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Techniques for hormonal induction of ovulation and spermiation in anurans
Numerous hormones and neuroendocrine factors have been utilized to stimulate
ovulation and spermiation in amphibians, and specifically anurans. These hormones
include synthetic and pure forms of GnRH; gonadotropins (luteinizing hormone (LH),
follicle stimulating hormone (FSH), human chorionic gonadotropin (hCG), and pregnant
mare serum gonadotropin (PMSG)); pituitary extracts/homogenates; steroid hormones;
and catecholamingeric agents, such as dopamine antagonists (Clulow et al., 2014; Kouba
et al., 2012a). It is important to note that exogenous hormone treatments should be trialed
carefully, as deaths have resulted in some species, though are rarely observed (Kouba et
al., 2012a). A careful review of the species’ biology, initial small scale trials, and
attention to detail regarding doses and frequency of treatments will all help protect the
animal (Clulow et al., 2014; Kouba et al., 2012b).
Use of GnRH agonists
As the hypothalamus and its secretion of GnRH (gonadotropin releasing
hormone) are the master drivers of reproduction, it is logical to try to utilize this
decapeptide for stimulation of the reproductive pathway. As previously mentioned,
GnRH is sometimes still referred to as LHRH in the literature, and is occasionally even
still marketed as LHRH by companies, however GnRH is a better name for this
compound and will be utilized in this review (Clulow et al., 2014).
GnRH works at the level of the brain to induce downstream effects, by
stimulating the pituitary which in turn results in the production and release of
gonadotropins which affect the gonad. This is an advantageous method because it uses
the animal’s endogenous reproductive pathways to produce a response (Clulow et al.,
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2014; Kouba et al., 2012a). Typically a GnRH agonist (sometimes abbreviated as
GnRHa) is utilized as opposed to pure GnRH, as the synthetic agonists are degraded less
rapidly than the pure hormone, and can stimulate an longer lasting LH surge of 12-48
hours (Kouba et al., 2012a; Kouba and Vance, 2009). These synthetic analogs can also
show improved receptor binding, again enhancing the response (Kouba et al., 2012a).
Numerous GnRH agonists are on the market, however one analog has stood out as having
the greatest efficacy in amphibians, and is sold as: des-Gly10, D-Ala6, Pro9-GnRHethylamide (Bachem, catalog # H4070; or alternatively called des-Gly10, D-Ala6, LHRH
ethylamide, Sigma-Aldrich, catalog #L4513) (Clulow et al., 2014; Kouba et al., 2012a).
However there have been only limited trials testing the other analogs in amphibians , and
even among this “best” option, there is much species-specific difference in response
(Clulow et al., 2014; Goncharov et al., 1989). This is highlighted by a study in which 39
different amphibian species were tested for spermiation response using this GnRH
agonist, and the necessary concentration of hormone needed to induce spermiation varied
by over a thousand-fold depending on the species (Goncharov et al., 1989).
The study by Goncharov et al. (1989) also highlights that GnRHa is effective
across many different anuran species to induce a spermiation response in males. This has
been further demonstrated in many other studies, which have shown GnRH agonists can
be used to successfully stimulate sperm production in various species within the genera
Xenopus, Rana, Lepidobatrachus, Ceratophrys, Pysicephalus, Bufo/Anaxyrus, Litoria,
Dyscophus, Pseudophryne, Heleioporus, Neobatrachus, Crinia, and Geocrinia however
not all species tested within these genera were successful (Byrne and Silla, 2010; Kouba
et al., 2012b; Mann et al., 2010; Minucci et al., 1989; Obringer et al., 2000; Silla, 2010;
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Silla and Roberts, 2012; Waggener and Carroll, 1998; Whitaker, 2001). It is important to
emphasize that the doses and responses within these studies were species-specific,
highlighting that although the hormone may have stimulated spermiation, it is necessary
to perform thorough trials in each species to determine the proper dose for optimal
response (Kouba et al., 2012a). However, there are very few published studies which
actually design and perform dosage curves to determine the optimal dose (Kouba and
Vance, 2009; Kouba et al., 2009). In addition to stimulating the pituitary, GnRH may
stimulate the gonads directly, as evidenced by studies in which GnRH receptors were
found on the testes and GnRH agonists affected spermatogonial proliferation and gonadal
activity (D'Antonio et al., 1992; Di Matteo et al., 1988; Minucci et al., 1992). For some
species, GnRHa is effective alone, however in others the combination of GnRH with
another hormone may provide an improved response (Kouba et al., 2012a).
The use of GnRHa has also proved effective in a number of different female
anuran species to mature eggs and induce ovulation. These species include Rana,
Xenopus, Lepidobatrachus, Bufo/Anaxyrus, Dyscophus, Eleutherodactylus,
Pseudophryne (Byrne and Silla, 2010; Michael et al., 2004; Silla, 2011; Waggener and
Carroll, 1998; Whitaker, 2001). Similar to the findings in males, response varied based
on the species and dose, and refinement may be needed to produce an optimal response.
Females may show improved ovulation response to GnRH following low concentration
priming doses (Silla, 2011), or GnRH may be more effective when paired with another
hormone or a dopamine antagonist (Kouba et al., 2012a; Trudeau et al., 2010).
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Use of gonadotropins
Gonadotropins used in amphibian ART are typically classified as two types:
pituitary gonadotropins and chorionic gonadotropins (Clulow et al., 2014). Historically,
frog pituitary homogenates and extracts were frequently used to stimulate spermiation
and ovulation responses (Clulow et al., 1999; Creaser and Gorbman, 1939). Preparation
of pituitary homogenates involves removing the pituitary gland from a sacrificed animal
and homogenizing it in a liquid, which can then be given to another animal (of the same
or different species) to induce a response (Clulow et al., 2014). Pituitary extracts are
similar in nature, but are slightly more purified and the hormones are further concentrated
(Clulow et al., 2014). While highly effective in many cases, this technique is rarely used
anymore due to concerns of disease transmission from infected tissues (Clulow et al.,
2014; Kouba et al., 2009). When working with threatened and endangered species, it is
not worth the risk of transferring disease to the already limited number of individuals.
The sacrifice of a donor animal also makes this less ideal when working with threatened
and endangered species (Clulow et al., 2014). Additionally, pituitary extracts may have
variable efficacy throughout the year depending on when the pituitary is harvested and
the reproductive status of the individual (Clulow et al., 1999; Clulow et al., 2014).
The chorionic gonadotrophs PMSG, and particularly hCG, are much more
commonly described in the modern amphibian ART literature as they are safer and more
practical for use. As with GnRH, hCG is effective in many species to stimulate gamete
production in both sexes, however the doses and response is variable (Clulow et al.,
2014; Kouba et al., 2009). For species, in which GnRH has only low efficacy, hCG may
prove more useful, as seen in American toads and Fowler’s toads (Anaxyrus americanus
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and A. fowleri) where hCG provided a much greater ovulation response compared to
GnRH (Kouba and Vance, 2009; Kouba et al., 2009). In amphibians, hCG has low
sensitivity, and compared to doses administered to mammals, amphibian hCG doses can
be over a thousand fold higher on per weight basis (Kouba and Vance, 2009).
The successful use of hCG has been described in a number of male anurans
including those in the genus Bufo/Anaxyrus, Litoria, Lithobates, Rana, and
Leptodactyllus (Browne et al., 2006b; Byrne and Silla, 2010; Clulow et al., 1999; Kouba
et al., 2009; Kurian and Saidapur, 1982; Mansour et al., 2010; McKinnell et al., 1976;
Pozzi et al., 2006; Rosemblit et al., 2006). Similarly in females, ovulation has been
induced by hCG or PMSG alone in several anuran genra including Bufo/Anaxyrus,
Lithobates, Xenopus, Eleutherodactylus, Engystomops, and Mixophyes (Browne et al.,
2006a; Clulow et al., 2012; Hollinger and Corton, 1980; Kouba et al., 2009; Lynch et al.,
2006; Michael et al., 2004). In some cases priming with lower doses of gonadotropins
improved ovulation responses (Clulow et al., 2012; Kouba et al., 2012a; Kouba et al.,
2009), therefore this multistep method should be considered as a way to improve efficacy
of the treatments.
Typically gonadotropins such as hCG and PMSG are used because it is difficult to
collect and purify sufficient amounts of pure amphibian pituitary hormones, and therefore
there has been little studied using amphibian LH and FSH (Clulow et al., 2014).
Although hCG and PMSG are not considered to promote as strong of a response due to
differences in the sub-units of the proteins, when given at a sufficient dose, they can still
stimulate the gonads. The use of recombinant human FSH and LH can also induce a
response in anurans, as shown in one study of Bufo arenarum in which human
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recombinant FSH stimulated a better spermiation response over hCG (Pozzi et al., 2006).
However there remains much still to be studied on the efficacy of human recombinant
gonadotropins in amphibian reproduction.
It is difficult to determine if GnRHa or hCG is the more effective stimulator in
anurans and this has been debated widely. Likely, it is species dependent, although true
comparisons are difficult because, as noted by Kouba et al. (2009), few studies perform a
thorough comparison of the two hormones using dose-response curves. For both males
and females, a combination of hCG and GnRH may have the greatest efficacy in some
species, particularly if priming doses are used (Browne et al., 2006b; Clulow et al., 2014;
Kouba et al., 2011; Kouba et al., 2009). The responses may vary based on time of
year/reproductive status of the animals, particularly in the females, and thus it becomes
complicated to compare doses and treatments. The use of complementary tools such as
ultrasound may be useful in this regard to determine the follicular/egg development of
females and compare responses of the hormones in females at a similar reproductive
status, as performed in this thesis (see Chapter 4).
It continues to be problematic to transfer protocols between amphibian species,
and so it is frequently necessary to trial several different hormone treatments in order to
determine the best protocol for a previously undescribed species (Kouba et al., 2012a;
Kouba et al., 2009). In an ideal situation, the lowest dose and least amount of animal
handling should be used, therefore even some of the previously established protocols
which utilize multi-day injections regiments may be improved by continued research and
hormone trials.
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Use of steroid hormones
The use of steroid hormones in amphibian ART has only been explored to a small
extent. Considering that progesterone is thought to be important in the final maturation of
oocytes, this may be a worthwhile avenue to explore. An early study showed progestins
and androgens increased the ovulatory response of Rana pipiens treated with pituitary
extracts, and that estrogens inhibited the ovulatory response (Wright, 1961). Similarly,
administration of exogenous progesterone was effective in maturing ovarian follicles in
vitro in Rana pipiens however the ovulatory response was limited when progesterone was
administered alone (Schuetz, 1971). More recently, it was shown that for the Fowler’s
toad, progesterone in combination with other hormones may result in an increased
number of oocytes and improved fertilization rate (Browne et al., 2006a). Although the
numerous treatments in the study makes comparisons somewhat difficult, only treatments
with progesterone resulted in high oocyte numbers and early embryonic development
following fertilization, although progesterone alone could not stimulate ovulation
(Browne et al., 2006a). It may be that progesterone alone is insufficient to induce
ovulation, but progesterone could be an effective priming hormone or may be best used
in combination with GnRHa or a gonadotropin.
Use of dopamine antagonists
As previously discussed, dopamine (DA) is thought to exert a negative influence
on the release of gonadotropins in amphibians, and several neuroanatomy studies confirm
connections between dopamine and the HPG axis. Given the early work by SotowskaBrochocka, which demonstrated dopamine’s role in gonadotropin suppression, and the
ability of dopamine antagonists to override this response (Sotowska-Brochocka, 1988;
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Sotowska-Brochocka and Licht, 1992; Sotowska-Brochocka et al., 1994), the use of DA
antagonists became an ART strategy worthy of exploring.
Following the lead of researchers who found exogenous hormone treatments
involving GnRH agonists and DA antagonists could overcome difficulties in captive fish
spawning, similar methods were adopted for some amphibian species which were
difficult to breed (Trudeau et al., 2010). The use of the DA antagonist pimozide (PIM)
paired with GnRHa and progesterone together, in the Fowler’s toad (Anaxyrus fowleri),
elicited females to produce the greatest number of eggs, however the number was not
significantly greater than some of the other treatments which did not contain PIM
(Browne et al., 2006a). Although, the vast number of treatment groups and hormonal
pairings in this study did not allow for easy comparison of results or determination of
which components of the treatments may have encouraged ovulation.
A more direct study of the use of dopamine antagonists was performed on leopard
frogs (Lithobates pipiens) (Trudeau et al., 2010). This method of combining a GnRH
agonist and a DA antagonist was named the “Amphiplex” method when trialing it in
frogs, because it gave homage to the words amphibian, and the amphibian breeding
behavior of amplexus (Trudeau et al., 2013; Trudeau et al., 2010). When two different
dopamine antagonists (PIM or metoclopramide (MET)) were paired with GnRHa and
administered to males and females, both treatments resulted in a significantly greater
number of egg masses compared to a vehicle control, suggesting the Amphiplex method
successfully induced spermiation and ovulation of viable gametes (Trudeau et al., 2010).
MET resulted in a significantly greater number of egg masses compared to PIM, and it
was speculated that PIM may be less specific to the DA receptors and was therefore not
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recommended for use (Trudeau et al., 2013). A follow-up study demonstrated that
another dopamine antagonist, domperidone (DOM), was equally as effective as MET in
stimulating the leopard frogs to spawn, with no significant differences in the number of
responding pairs, or the number of eggs produced per female (Trudeau et al., 2013).
Domperidone was tested because is specific to dopamine D2-type receptors and acts only
on the pituitary as it cannot cross the blood-brain barrier (unlike MET which can cross
the blood-brain barrier, allowing it to act on both the brain and the pituitary); however
this did not appear to affect the results, and MET was determined to be the better DA
antagonist simply because it was easier work with (Trudeau et al., 2013).
ART implications for conservation
The use of ART has implications for both ex situ and in situ conservation efforts.
While these techniques may be most commonly used in ex situ CBPs to overcome
reproductive difficulties, ART strategies may also be useful when working with wild
populations. Hormone treatments can be used to stimulate gamete production in wild
amphibians, and gametes can be collected for cryopreservation or used during artificial
fertilization with gametes from captive colonies to further diversify the genetic pool. An
excellent example of this was performed on the boreal toad, where sperm collected from
wild males was frozen for long term genetic storage and also used in artificial fertilization
trials with eggs from captive females, thereby increasing the genetic diversity of the
captive population without removing animals from the wild (Langhorne et al., 2013).
Gametes can also be transferred between institutions with CBPs to help distribute
genetics throughout the captive population, as has been done with the Mississippi gopher
frog (Kouba et al., 2011).
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Cryopreservation of sperm (either from wild or captive housed animals) allows
for an “insurance policy” of sorts against genetic loss (Clulow et al., 1999; Kouba and
Vance, 2009). At this time, no successful cryopreservation of eggs has been
accomplished, and due to the complexity of this issue, it may remain a challenging topic
in the field of cryobiology for quite some time (Clulow et al., 1999; Clulow et al., 2014).
As an alternative to cryopreservation, the short term cold storage (4°C) of amphibian
sperm has been a promising technique, which may be important when the timing of egg
and sperm production are not aligned during artificial reproduction (Clulow et al., 2014;
Kouba et al., 2009). Cold stored sperm has been shown to successfully maintain motility
and viability in species from several genera including Bufo, Litoria, Limnodynastes,
Lithobates, and Pseudophryne for days or weeks (Browne et al., 2001; Browne et al.,
2002; Germano et al., 2013; Kouba et al., 2011; Kouba et al., 2009; Langhorne et al.,
2012; Silla, 2013). This cold stored sperm has also been shown to successfully fertilize
eggs, demonstrating it to be a useful storage method when cryopreservation is not
feasible or desired (Browne et al., 2001; Kouba et al., 2011).
Artificial fertilization (AF) or in vitro fertilization (IVF) with fresh or preserved
gametes is another important ART strategy. Historically, AF was typically performed for
research or commercial purposes (Wolf and Hedrick, 1971). Because the ultimate goal of
CBPs should be reintroduction programs, ART may help overcome the reproductive
difficulties of captive breeding, allowing for production of offspring through AF which
can be released in to conserved or restored habitat (Kouba et al., 2012a; Kouba et al.,
2009). Once the gametes are obtained, AF is relatively easy to accomplish with a general
protocol involving placing eggs in a petri dish, pipetting sperm with a concentration of
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104-106 sperm per milliliters directly onto the eggs, and then flooding the dish with water
following a 5-10 minute incubation period (Kouba et al., 2012a; Kouba et al., 2009).
Despite the cost and intensive amount of research that must go into ART
strategies, their use is one of the greatest tools in fighting against amphibian extinction
(Clulow et al., 2014; Kouba et al., 2009). There have been great success stories thanks to
the use of amphibian ART, such as the production of over 100,000 endangered Wyoming
toads which have been released into the wild (Clulow et al., 2014; Roth and Obringer,
2003). Thousands of Puerto Rican crested toads and boreal toads have also been
produced through ART methods to aid in the conservation of these species (Clulow et al.,
2014; Roth and Obringer, 2003). Despite these successes, there are still many species
facing extinction. However, with many dedicated individuals working to help protect and
study amphibians, we can hope there will be many more conservation success stories in
the near future. My hope is that this thesis will contribute to the conservation and
preservation of the critically endangered Mississippi gopher frog.
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COMPARISON OF STRATEGIES FOR SEX IDENTIFICATION IN THE
MISSISSIPPI GOPHER FROG (LITHOBATES SEVOSA)

Introduction
An obvious, but necessary initial step in managing a captive breeding program
(CBP) for amphibians is knowing the biological sex of the individuals in the population.
However, this is not always easily accomplished, particularly when working with species
that are monomorphic or weakly dimorphic. A rise in the number of amphibian CBPs has
occurred in the last several decades as a tool to aid in the conservation of many
threatened and endangered species affected by the drastic global decline of amphibians
(Gascon, 2007; Griffiths and Pavajeau, 2008; Stuart et al., 2004). One of the primary
goals of these CBPs is to naturally or artificially reproduce these declining species,
creating offspring for reintroduction programs (Gascon, 2007). Without accurate and
non-invasive tools to identify the sex of individuals, this cannot be efficiently
accomplished. Researchers may struggle to appropriately pair animals for breeding, risk
aggression due to improper housing groups, or may waste time and resources when
attempting to collect gametes from inaccurately sexed animals (Germano et al., 2011b;
Kouba and Vance, 2009).
An amphibian species that exemplifies this challenge is the Mississippi gopher
frog (Lithobates sevosa). The Mississippi gopher frog (MGF) is a critically endangered
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species with an estimated 100 individuals left in the wild in two small populations in
southern Mississippi (Hammerson et al., 2004a; USFWS, 2012a). This species is
considered weakly dimorphic, as the adult males typically have minor secondary sex
characteristics such as nuptial pads, but in general, the two sexes overlap in size,
coloration, and other physical features (Kouba and Vance, 2009; Lannoo, 2005). Captive
breeding populations have been established for the MGF, however this species has not
bred naturally in captivity, and the use of assisted reproductive technologies (ART) have
been necessary to reproduce this species (Kouba et al., 2011; Kouba et al., 2013). Yet,
efforts utilizing ART have been somewhat hindered by difficulties accurately identifying
the biological sex of the MGFs due to its naturally weak dimorphic characteristics. This
may be further compounded by the fact that many amphibians further lose dimorphic
characteristics after being raised in a captive setting (Kouba and Vance, 2009).
Many anurans display some form of sexual dimorphism, including differences in
size, skin coloration/texture, secondary sex characteristics (nuptial pads, vocal sac color,
spines, glands etc.), or behaviors (Duellman and Trueb, 1994). These are driven by a
number of underlying genetic and hormonal pathways (Nakamura, 2009; Norris and
Lopez, 2011). However these characteristics may vary based on geography, season, or
hormone concentrations (Schauble, 2004). These, and other non-physical sex-specific
differences may be used to elucidate the biological sex of an individual. For those anuran
species that are only weakly dimorphic or monomorphic, a number of strategies for sex
identification exist; however, they range in effectiveness and invasiveness. Size
dimorphism, including body length and body weight, is a commonly used strategy, as
females are larger in size than the males in approximately 90% of anuran species
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characterized to date (Monnet and Cherry, 2002; Shine, 1979). Snout-vent length (SVL)
or snout-urostyle length (SUL) are commonly used, non-invasive body length
measurements, however the usefulness of body length to discriminate between the sexes
is species dependent, with some species consistently demonstrating size dimorphism, and
others showing overlap in size of males and females (Germano et al., 2011b; Howard,
1981; Schauble, 2004). Other physical differences between the sexes, such as the
development of secondary sexual characteristics, are often only seen on males, with
nuptial pads and vocal sacs being two of the most distinguishing characteristics in male
anurans (Duellman and Trueb, 1994). These characteristics are moderated by steroid
hormones and may be more or less visible based on the time of year and hormone
concentrations relative to breeding season (Duellman and Trueb, 1994). Behaviors, such
as advertisement calling, can also be used for sex identification purposes, but this may be
applicable only during the breeding season (Duellman and Trueb, 1994). There is also an
element of inter and even intra-observer variability when performing measurements of
body size or physical characteristics, which can confound the results (Hayek et al., 2001;
Lee, 1990).
Over the past several years, there has been a large increase in the number of
studies using non-invasive or minimally invasive fecal (Hogan et al., 2013; Szymanski et
al., 2006) and urine (Germano et al., 2012; Germano et al., 2009; Narayan, 2013;
Narayan et al., 2010) collections to study differences in steroid concentrations for sex
identification in anurans. Results varied based on species, season, sample type, and
hormones analyzed, but these studies have shown that hormone analysis may be an
accurate method to identify sex in anurans, even with seasonal fluctuations in hormone
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concentrations. Seasonal sex steroid hormone profiles have also been successfully studied
in anurans using blood samples (Harvey et al., 1997; Licht et al., 1983; Lynch and
Wilczynski, 2005; Medina et al., 2004; Narayan, 2013; Varriale et al., 1986), suggesting
blood samples may be used to study sex identification hormone analysis as well.
However amphibian blood sampling frequently requires invasive sampling procedures,
such as cardiac sticks, or sacrifice of the animals, therefore non-invasive endocrine
measures should be utilized when possible, particularly with endangered species (Brown
et al., 2004; Germano et al., 2009). A disadvantage to hormone analysis is the
requirement of a laboratory and equipment necessary to analyze assays, and that each
new species have the proper validation tests in order confirm the assay is accurately
measuring the hormones of interest (Brown et al., 2004; Narayan, 2013). However, for a
slight cost, hormone analysis may be a useful technique in completely monomorphic
species or with juvenile animals as demonstrated in Geocrina alba (Hogan et al., 2013).
Ultrasonography has been used minimally in amphibians and is primarily
performed for medical diagnostic purposes (Mannion, 2008; Schildger and Triet, 2001;
Stetter, 2001), however this technique is also potentially useful for sex identification in
anurans, similar to its use in reptiles (Morris and Alberts, 1996; Reed and Tucker, 2012)
and fish (Martin et al., 1983). Ultrasonography has been used to successfully identify the
sex of larger salamanders including hellbenders (Cryptobranchus alleganiens) (Miller
and Fowler, 2012). In smaller anurans, ultrasound has been used occasionally to study the
reproductive state of females (Reyer and Bättig, 2004), but using ultrasonography for sex
identification of anurans is not common practice (Roth and Obringer, 2003). The testes of
frogs are small and difficult to visualize via ultrasound, but if developing follicles/eggs
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are visible during imaging, the individual can be characterized as female, particularly if
she is gravid (Mannion, 2008; Schildger and Triet, 2001; Stetter, 2001). Well-developed
follicles and eggs are relatively easy to visualize in females, however in non-gravid
females, the reproductive tract can be difficult to discern via ultrasonography (Stetter,
2001). Near infrared reflectance (NIR) spectroscopy, a technique which measures the
characteristic absorption patterns produced by the vibrations of particular chemical bonds
(Davies, 2005), may also show promise as a method to identify sex of anurans, including
the MGF (Vance et al., 2014), although further studies in this field are needed. Both
ultrasonography and NIR are non-invasive and require only a brief scan of the animal’s
abdomen, however the equipment necessary for these techniques can be relatively
expensive and require a trained technician for data analysis. Other methods such as
endoscopic and laparoscopic evaluation have been performed in amphibians for sex
identification purposes (Kouba and Vance, 2009; Kramer et al., 1983; Roth and Obringer,
2003), but these techniques are invasive and can be dangerous, meaning their use should
be limited, particularly for endangered species.
Genetic analysis for sex identification purposes would initially seem like a useful
tool, however the analysis may be complicated. Despite the fact that amphibians have
genetically controlled sex determination, most amphibians do not have distinct sex
chromosomes (Hayes, 1998; Norris and Lopez, 2011), and several oddities such as
aneuploidy and polyploidy have been observed (Green, 1988; Malcom et al., 2014).
Therefore, sex identification via genetic analysis is likely to be a difficult route for sex
identification.
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Considering the endangered status of the MGF, minimally or non-invasive
strategies for sex identification should be utilized when available. The objective of this
study was to characterize the accuracy and ease-of-use of several minimally and noninvasive techniques including measurements of body length, body weight, presence of
nuptial pads, ultrasonography, and urinary hormone analysis for identification of
biological sex in the MGF. These techniques may also be applicable to other weakly
dimorphic and monomorphic amphibian species, and may contribute to increased output
of CBPs by determining the most effective sex identification techniques. Researchers
utilizing these techniques must find a balance between the need for an accurate answer,
and the ease and cost associated with the various methods trialed here.
Materials and Methods
Animals
A total of 27 male and 19 female MGFs were utilized in this study. Animals were
housed at Mississippi State University’s (MSU) Amphibian Conservation Lab (Starkville,
MS, USA) for the duration of the study. All animals were captive reared as part of a CBP
at the Memphis Zoo and Omaha’s Henry Doorly Zoo, and were transferred to Mississippi
State University prior to the start of the study. Ages ranged from approximately 4 to 6
years old throughout the study. Animals were implanted with passive integrated
transponder tags (PIT tags) for identification purposes. All animal husbandry practices
and treatment protocols were approved by Mississippi State University Institutional
Animal Care and Use Committee (IACUC #10-082).
Frogs were housed in plastic polycarbonate tanks (46 x 66 x 30 cm; Habitat
Systems Limited, Des Moines, Iowa, USA) in both single and mixed-sex environments
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with between one and four conspecifics. Approximately half of the tank was covered with
moistened organic moss, and a small plastic hide (Medium Reptile Hide; LLL Reptile
and Supply Co) was provided as additional cover for the frogs. At the other end of the
tank, frogs had access to aged tap water in bowls. Frogs were kept on a natural light cycle
(Starkville, MS, 33.4625° N, 88.8200° W). Tanks were cleaned once per week.
Throughout the week and between cleanings, moss was spritzed periodically with water
to maintain moisture, and fresh water was provided as needed.
Prey items (alternating between mealworms, wax worms, and crickets) were
offered three times per week. Mealworms and wax worms were gut loaded prior to
distribution using Repashy “Superload” supplement (Repashy Ventures Inc., Oceanside,
CA). Worms were offered in small plastic dishes in the tanks. Crickets were gut loaded
with fresh fruits and vegetables sprinkled with the Repashy diet, and crickets were dusted
with calcium (Fluker's Calcium with D3; Flucker Farms, Port Allen, LA) before
distribution to the tank.
Identification of true biological sex
At the start of the study, the biological sex of only a subset of the animals (n=17)
was known. Measurements for all methods were collected as if the sex of the animal was
unknown. By the end of the study period the sex of all individuals included in the dataset
was verified. Animals were used for other studies during the same time period involving
exogenous hormone administration, therefore confirmation of biological sex was based
on the production and release of gametes (spermic urine for males and eggs for females)
in response to hormone treatments. The percent of correctly sexed individuals was
calculated for each method based on the biological sex confirmed by gamete production.
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Two females died during the study period (from non-experiment related causes),
therefore these individuals only had weight and nuptial pad data through November 2014,
and did not have paired urine samples to include in the hormone analysis. As per IACUC
regulations, these animals were necropsied following death by a trained veterinarian, and
both individuals were confirmed to be females based on the presence of ovaries and
developing oocytes during examination instead of by gamete deposition (as they had not
deposited eggs at the time of death). Two males also died during the study period (from
non-experiment related causes). These animals had both been confirmed as males through
the collection of sperm prior to death. These males were also excluded from the hormone
analysis section due to insufficient sampling.
Size measurements
Body length was assessed using snout-vent length (SVL), which measures the
distance from the tip of the snout to the vent of the frog. Frogs were placed on a small
plastic dish and SVL was measured to the 0.1 mm using dial calipers (#134160001; BelArt Products, Wayne, NJ). All measurements were taken by a single observer to avoid
inter-observer variability. The SVL measurement was repeated three times and averaged
for each animal to adjust for slight differences in measurement based on the frog’s
position. The mean standard error between SVL measures within an individual was 0.9
mm. Body weight (BW) was measured approximately once per week to the 0.1 gram (g)
during the study period (July 2014-June 2015) as part of the weekly animal care routine.
Weight measurements were averaged for each individual during the study period.
Mean (±SE) SVL and BW for each sex was calculated at the end of the study
period based on the confirmed sex of the animals. Following verification of data
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normalcy (Shapiro-Wilk test), a two-sample t-test was used to test for differences
between the sexes (male and female) for average SVL and BW. Significance was set at
P<0.05, and the unpooled variances (Satterthwaite) test statistic was used based on a
significant Fold-F value in the Equality of Variances test. Statistical analysis was
performed using SAS 9.4 (Cary, NC).
To assess the accuracy of using SVL and body weight measures for predicting
sex, the first quartile (Q1, the 25th percentile) values from females (the larger sex) was
used as a boundary to predict the sex of the animal. This was performed by classifying
any animal exhibiting SVL or weight measurements below the female Q1 SVL or weight
value as “male”, and any animal with measurements above these values was classified as
“female”. The percentage of animals whose sex was correctly identified using these
boundaries was calculated.
Physical characteristics
A common secondary sex characteristic of male anurans are raised, keratinized
patches of skin on the fingers called nuptial pads, or thumb pads (Duellman and Trueb,
1994; Norris and Lopez, 2011). As these pads are under hormonal control and can vary
by season (Brizzi et al., 2003), a check for nuptial pads was made on each individual
once per month for 12 months by examining both thumbs for a darkened, raised patch of
skin. Data were collected by a single observer, and the presence or absence of pads for
each month was recorded. Based on nuptial pad data, an animal was labeled “male” if it
exhibited nuptial pads for greater than 50% of the observations. The percentage of
animals whose sex was correctly identified based on presence/absence of nuptial pads
was calculated overall and for each sex.
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Ultrasonography
A transabdominal ultrasound scan of each individual was performed at the start of
the study (July 2014) for sex identification purposes. Imaging was performed with a
Sonosite MicroMaxx ultrasound (Sonosite Inc., Bothell, WA) equipped with a 38-mm
broadband linear array transducer (range 6-13 MHz) set on a scan depth of 2.7 cm. The
abdomen of the frog was moistened with aged tap water prior to ultrasonography to
enhance imaging. During the scan, an assessment of sex was made based on the
visualization of any reproductive organs (testes or ovaries) or the presence of developing
follicles on the ovary (indicating a female). Ultrasonography and assessment of images
was performed by a single observer who was well trained at ultrasound imaging of
amphibians. The observer was blind to the true sex of the animals to avoid bias. The
percentage of animals whose sex was correctly identified based on ultrasound imaging
was calculated overall and for each sex.
Urinary hormone analysis
Urine samples were collected from each frog (n=25 males; n=17 females) to test
for differences in hormone concentration based on sex. Samples were collected during
two different months (February and July) of the year to account for potential seasonal
differences in hormone concentrations between breeding season (February) and nonbreeding season (July). Urine was collected by holding the frogs over a large plastic dish
and gently inserting a small piece of vinyl catheter tubing (#BB31785-V/5; Scientific
Commodities Inc., Lake Havasu City, AZ) into the cloaca to draw urine into the dish.
Upon urination, the sample was pipetted into a 1.5ml centrifuge tube (#05-408-129;
FisherScientific, Pittsburgh, PA) and capped before being stored at -20°C prior to
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hormone analysis. Separate catheters and pipette tips were used for each animal to avoid
contamination, and the dish was cleaned with ethanol between urine collections.
Two hormones, estrone and testosterone, were selected for potential sex
identification purposes based on their validation in several other anuran species
(Germano et al., 2012; Germano et al., 2009; Narayan et al., 2010), and based on
preliminary hormone analysis work in boreal toads in our lab (Graham, unpublished
data). Immunoreactive estrone, testosterone, and their metabolites (henceforth referred to
simply as estrone and testosterone) were measured using commercially available enzyme
immunoassay (EIA) kits. Kits used for analysis were DetectX Estrone Enzyme
Immunoassay kits (#K031; Arbor Assays, Ann Arbor, MI) and DetectX Testosterone
Enzyme Immunoassay kits (#K032; Arbor Assays, Ann Arbor, MI). The manufacturing
information for the assay kits stated the cross reactivity for the estrone antibody was
100% with estrone, 112% with estrone-3-glucuronide, 65.5% with estrone 3-sulfate, 5%
with estradiol, and less than 0.1% with estradiol-3-sulfate, estriol, progesterone,
pregnandiol, cortisol, and androsterone; while the testosterone antibody had a cross
reactivity of 100% with testosterone, 56.8% with 5α-dihydrotestosterone, 0.27% with
androstenedione, and less than 0.05% with androsterone, DHEA, cholesterol, estradiol,
progesterone, pregnenolone, hydrocortisone, cholic acid, and cholic derivatives. Assay
sensitivities were determined to be 22.4 pg/ml for the estrone kit and 9.92 pg/ml for the
testosterone kit by the manufacturer. Optical densities of the wells were read using a
SpectraMax Plus 384 microplate reader (Molecular Devices, Sunnyvale, CA) at 450 nm
wavelength. Assay data was analyzed using the free online analysis program MyAssays
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(MyAssays Ltd., Brighton, Sussex, UK), using the Arbor Assay estrone and testosterone
EIA data templates.
As MGF urine has not been analyzed via EIA prior to this study, several
validation steps were performed prior to hormone analysis. Separate pools of confirmed
male and female urine samples were serially diluted and compared to the standard curve
to confirm parallelism for each assay. A spike-recovery test, in which a low concentration
sample was spiked with known standard hormone concentrations, was also performed for
each assay system to determine potential interference from the urine matrix. Recovery
was expressed using the linear regression formula of y=mx+b, where a slope (m) greater
than or less than 1, represents an over or underestimation of the hormone of interest
(Brown et al., 2004). Linear regression analysis was performed in SigmaPlot 12.5 (Systat
Software Inc., San Jose, CA)
Sample dilutions were chosen based on results of the serially diluted pooled
samples, such that the sample dilutions were estimated to achieve approximately 40-50%
binding. If samples demonstrated high percent binding (greater than 80%), the sample
was assayed again at a lower dilution when possible. Dilutions were set at undiluted
(neat, 1:1) for males and 1:4 or 1:8 for females for the estrone assay, and at 1:4 for both
males and females, with some female samples run at 1:3 for the testosterone assay. All
sample CV’s were less than 20%. Sample values are reported in ng/ml, and adjusted for
specific gravity as measured by a digital urine specific gravity refractometer (#PAL-10S;
Atago USA Inc, Bellevue, WA). Specific gravity can be used in place of creatinine
measures to account for variation in hydration (Miller et al., 2004; Muscat et al., 2011).
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Prior to statistical analysis, hormone values (adjusted for specific gravity) were
log transformed. Two-sample t-tests were used to test for differences in hormone
concentration between males and females for each set of monthly samples (February and
July), with P<0.05 indicating significance. If the equality of variances test was violated
(as indicated by a Folded F statistic of P<0.05), the Satterthwaite test statistic was used to
adjust for unequal variances. An additional two sample t-test was used to compare within
each sex for any significant differences based on the month of collection (February
versus July), following the same parameters.
To assess the accuracy of using hormone concentrations for sex identification
purposes, the average of the Q1 (the 25th percentile of February and July) values from the
sex demonstrating the higher hormone concentration (females for estrone, males for
testosterone) was used as a boundary to predict the sex of the animal. For the estrone
assay, females had higher estrone concentrations overall, therefore, any animal below the
average Q1 range of female samples was classified as “male”, while any animal
demonstrating a value above the average Q1 range of female samples was classified as
“female”. Subsequently, the percentage of animals whose sex was correctly identified
based on these estrone boundaries was calculated. For the testosterone assay, males had
higher testosterone concentrations overall, therefore, any animal below of the average Q1
range of male samples was classified as “female”, while any animal above the average
Q1 range of female samples was classified as “male”. The percentage of animals whose
sex was correctly identified based on these testosterone boundaries was then calculated.
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Results
A matrix with the confirmed sex and the predicted sex based on each of the tested
methods can be seen for each individual in Appendix A.
Size measurements
Mean SVL was 61.3 ± 0.6 mm for males (n=27), and 65.1 ± 1.1mm for females
(n=19). There was a significant difference between the sexes for mean SVL (P<0.05;
Figure 3.1, Panel A). However, there was clear overlap in SVL measures between the
sexes, with mean SVL measurements ranging from 53.4 mm to 69.9 mm in males and
58.8 mm to 74.2 mm in females. The quartile range (Q1:Q3) of 59.5 mm to 62.6 mm for
males and 61.0 mm to 68.6 mm for females also demonstrated overlap in measurement
(Figure 3.1, Panel B). Using the female SVL Q1 value (61.0 mm) as a boundary to
predict sex (where any frog below 61.0 mm was classified as male, and any frog above
this threshold was classified as female), SVL was accurate in predicting sex 56.5% of the
time. Specifically for each sex, it correctly identified males 44.4% of the time, and
females 73.7% of the time.
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Figure 3.1

Comparison of body size (snout-vent-length (mm) and body weight (g))
measurements for confirmed male and female MGFs

Mean SVL (Panel A) and body weight (Panel C) were significantly different (P<0.05, as
indicated by *) between males and females, with females having higher mean SVL and
body weights. However, as can be seen in the boxplots for SVL (Panel B) and body
weight (Panel D), there is a large overlap between males and females for both measures.
In panels B and D, boxes show the Q1 to Q3 range with the horizontal line indicating the
median. Whiskers show the 90th and 10th percentile, and outliers beyond this range are
indicated by the dark circles.
Mean BW was 37.4 ± 1.0 g for males (n=27), and 46.3 ± 2.2 g for females (n=19).
There was a significant difference between the sexes for mean BW (P<0.05; Figure 3.1,
Panel C). However, average BW ranged from 22.7 g to 46.9 g in males, and 32.5 g to
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64.9 g in females, again demonstrating overlap between the sexes. The quartile range of
Q1 to Q3 was 34.3 g to 40.9 g for males and 38.8 g to 53.3 g for females (Figure 3.1,
Panel D). Using the female BW Q1 value as a boundary to predict sex (where any frog
below 38.8 g was classified as male, and any frog above this threshold was classified as
female, BW was accurate in predicting sex 58.7% of the time. Specifically for each sex, it
correctly identified males 48.1% of the time, and females 73.7% of the time.
Physical characteristics
Using the method outlined previous, where an animal was labeled as “male” if it
exhibited nuptial pads for greater than 50% of the monthly observations, a total of 44 of
the 46 (95.7%) of the frogs were accurately sexed. The two cases of misidentification
were two males which showed nuptial pads less than 50% of the monthly observations.
However, both individuals showed faint presence of nuptial pads at least once during the
yearlong study. Seven other individuals (both males and females) also showed a change
in the apparent presence of nuptial pads during the study. If the seven individuals
showing discrepancies in the presence of nuptial pads across the months are considered
incorrect (as a conservative measure of accuracy), the percent of correctly identified
individuals using nuptial pad data falls to 84.8%. An example of nuptial pads on a male,
and absence of pads on a female can be seen in Figure 3.2.
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Figure 3.2

Example of presence/absence of nuptial pads on MGFs

Panel A: Example of nuptial pad (darkened patch on front digit) on a male’s hand. Panel
B: shows lack of nuptial pad on a female’s hand, however as can be seen in Panel B,
females have dark spot patterns on their digits sometimes complicating nuptial pad
identification
Ultrasonography
Overall, ultrasound imaging was 93.4% accurate (43 of 46) for correctly
identifying the sex of the frogs. As expected, testes were difficult to observe in males,
however females with developing follicles were relatively easy to recognize based on a
characteristic pattern of hyperechoic and anechoic (light and dark) areas throughout the
abdomen during imaging (Figure 3.3). Males were correctly identified by
ultrasonography 88.9% of the time, with three instances where a male was classified as a
female. Females were correctly identified 100.0% of the time, with no females being
misidentified as males.
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Figure 3.3

Ultrasonography images used for MGF sex identification
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Figure 3.3 (continued)
Panel A depicts a transabdominal scan of a male, while Panel B & C show females scans
with low and high follicular development, respectively. Males and low grade females can
be difficult to distinguish, but females with well-developed follicles show a characteristic
pattern of light and dark areas throughout the abdomen. This pattern may be visible in
females with minimally developed follicles as well, but the light/dark areas are smaller
and usually spaced closely together giving an almost grainy appearance to the image.
Urinary hormone analysis
Assay validations
Validation tests indicated that EIAs reliably measured both testosterone and
estrone concentrations in MGF urine samples. Serially diluted pooled samples were
parallel to the standard curve in both assays (Figure 3.6). Spike-recovery tests
demonstrated significant recovery (P<0.05) of exogenous estrone (y=0.9913x-22.8574,
r2=0.9957, n=7) and of exogenous testosterone (y=1.0213x-51.9754, r2=0.9982, n=6).
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Figure 3.4

Parallelism test for serially diluted pooled samples for estrone and
testosterone

Male (solid triangles) and female (solid circles) pooled samples were serially diluted to
assess parallelism to the standard curve for the estrone (Panel A) and testosterone (Panel
B) enzyme immunoassays. The estrone standard curve is represented by the open squares,
while the testosterone standard curve is symbolized by the hatched squares. Male and
female pooled samples demonstrated parallelism to the standard curve in both assay
systems.
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Hormone analysis for sex identification
There was a significant difference in urinary estrone concentrations between
males and females in both February (P<0.05) and July (P<0.05), with females samples
showing higher estrone concentrations in both months (Figure 3.5). Estrone
concentrations in male samples (n=25) ranged from 0.02 ng/ml to 0.37 ng/ml in February
(breeding season) and from 0.02 ng/ml to 0.36 ng/ml in July (non-breeding season), with
mean concentrations of 0.09 ± 0.02 ng/ml and 0.07 ± 0.02 ng/ml in February and July,
respectively. The quartile range (Q1:Q3) for male samples was 0.04 ng/ml to 0.10 ng/ml
for February and 0.02 ng/ml to 0.09 ng/ml for July. Estrone concentrations in female
samples (n=17) ranged from 0.08 ng/ml to 1.48 ng/ml in February and 0.05 ng/ml to
11.38 ng/ml in July, with a mean concentration of 0.59±0.10 ng/ml in February and
2.41±0.76 ng/ml in July. The quartile range (Q1:Q3) for female samples was 0.31 ng/ml
to 0.70 ng/ml for February and 0.14 ng/ml to 3.44 ng/ml for July. Within each sex there
were no significant differences in estrone concentrations for males (P>0.05) or females
(P>0.05) between the February and July samples, however female estrone concentrations
were more variable in July compared to February.
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Figure 3.5

Comparison of estrone concentrations for male and female MGFs

EIAs measured hormone concentrations for two different times of year: February
(breeding season, Panel A) and July (non-breeding season, Panel B). There was a
significant difference (P<0.05) in the mean concentration of estrone between the sexes.
Shaded boxes indicate Q1 to Q3 range, while whiskers indicate the 90th and 10th
percentile. Outliers beyond this range are indicated by dark circles. The median is
represented by the horizontal line within the box, and the mean is indicated by the circle
with the cross.
Although there were a few samples which overlapped in estrone concentrations
between the sexes, overall there was a distinction between the sexes in estrone
concentrations. Using the average Q1 values from the female samples (average Q1=0.225
ng/ml for Feb and July) as a boundary to predict sex, where any animal with estrone
concentrations above 0.225 ng/ml classified as female and any animal below this
threshold classified as male, urinary estrone was able to correctly identify the sex of the
animal 90.5% of the time in February and 88.1% of the time in July. Specifically for each
sex, males were correctly identified 92.0% of the time in February and 96.0% of the time
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in July, while females were correctly identified 88.2% of the time in February and 76.5%
of the time in July.
There was a significant difference in testosterone concentrations between males
and females in both February (P<0.05) and July (P<0.05), with males showing higher
mean testosterone concentrations in both months (Figure 3.6). Testosterone
concentrations in male samples (n=25) ranged from 0.31 ng/ml to 16.8 ng/ml in February
(breeding season) and from 0.29 ng/ml to 7.16 ng/ml in July (non-breeding season), with
mean concentrations of 2.50 ± 0.68 ng/ml and 1.93 ± 0.30 ng/ml in February and July
respectively. The quartile range (Q1:Q3) for male samples was 0.85 ng/ml to 2.41 ng/ml
for February and 1.19 ng/ml to 1.80 ng/ml for July. Testosterone concentrations in female
samples (n=17) ranged from 0.20 ng/ml to 1.94 ng/ml in February to 0.09 ng/ml to 2.91
ng/ml in July, with a mean concentration of 0.83 ± 0.14 ng/ml in February and 1.00 ±
0.20 ng/ml in July. The quartile range (Q1:Q3) for female samples was 0.38 ng/ml to
1.07 ng/ml for February and 0.34 ng/ml to 1.55 ng/ml for July. Within each sex there
were no significant differences in testosterone concentrations for males (P>0.05) or
females (P>0.05) between the February and July samples.
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Figure 3.6

Comparison of testosterone concentrations for male and female MGFs.

EIAs measured hormones for two different times of year: February (breeding season,
panel A) and July (non-breeding season, panel B). There was a significant difference
(P<0.05) in the mean concentration of estrone between the sexes. Shaded boxes indicate
the Q1 to Q3 range, while whiskers indicate the 90th and 10th percentile. Outliers are
indicated by dark circles. The median is represented by the horizontal line within the box,
and the mean is indicated by the circle with the cross.
There were a number of samples which overlapped in testosterone concentrations
between the sexes, as indicated by the overlapping Q1 to Q3 ranges. This limited the
success of using testosterone to accurately identify the sex of an individual. Using the
average Q1 values from the male samples (average Q1=1.02 ng/ml) as a boundary to
predict sex, where any animal with estrone concentrations above 1.02 ng/ml classified as
male and any animal below this threshold classified as female, urinary testosterone was
only able to correctly identify the sex of the animal 61.9% of the time in February and
76.2% of the time in July. Specifically for each sex, males were correctly identified
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56.0% of the time in February and 88.0% of the time in July, while females were
correctly identified 70.5% of the time in February and only 58.8% of the time in July.
Discussion
Accurate sex identification of weakly dimorphic and monomorphic anurans is
important for proper animal management and captive breeding purposes. Here we
compare several different techniques for ease of use and accuracy in identifying the sex
of MGFs. For MGFs, there was no 100% accurate method, but several, such as nuptial
pads and urinary estrone analysis, showed high accuracy and are thus strong techniques
for sex identification. A comparison of accuracy between the methods can be seen below
in Table 3.1. While these techniques were applied to MGFs housed in a CBP, these
techniques may also be applicable for sex identification purposes in other weakly
dimorphic and monomorphic anuran species or in field settings.
Table 3.1

Comparison of accuracy for each tested sex identification method

Method
Overall accuracy
Accuracy: males
Accuracy: females
Body length (SVL)
56.5%
44.4%
73.7%
Body weight
58.7%
48.1%
73.7%
Nuptial pads
95.7%
92.6%
100.0%
Ultrasound
93.4%
88.9%
100.0%
Urinary estrone
89.3%*
94.0%*
82.4%*
Urinary testosterone
69.1%*
72.0%*
64.7%*
(*) indicates averaged accuracy for February and July for hormone data
Size measurements and assessments of nuptial pads were easiest to perform,
although variability in these measures may limit their accuracy. On average, females
were larger than males in both SVL and body weight, however there was a large overlap
for both measurements between the sexes. In particular, females showed greater
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variability in SVL and weight, as evidenced by the wider interquartile ranges observed.
We attempted to use SVL and body weight measurements as guides for predicting sex,
but this was only mildly successful due to the wide overlap in measurements between the
sexes. Males were misidentified using this method in 55.6% of cases using the SVL
measurement and 51.9% of times using the body weight measurement. Therefore, using
body size measures to predict sex may be most successful when the individual in question
has measurements that are at the more extreme ends (low for males and high for females)
of the population’s body size range.
The ranges presented in this study are also specific to the MGF population housed
at MSU, and these averages may or may not be applicable to other populations of MGFs
either ex situ or in situ. The size measurements of MGFs our group has worked with at
other zoological institutions have been larger than the MGFs housed at MSU. At these
zoos, males (n=5) have ranged in SVL from 60.8 mm to 71.9 mm, with an average of
64.2 mm, while female (n=8) SVL ranged from 66.8 mm to 79.3 mm with an average of
71.5 mm. Similarly, weight data from males at other zoos ranged from 39.6 g to 64.7 g,
with an average of 48.0g, while females ranged from 49.8 g to 80.2 g, with an average
weight of 63.0g. Therefore, making predictions about sex based on size measurements
may be difficult across institutions. Published size ranges for wild MGFs have been
variable as well, with adult males reported to be anywhere from 51-85 mm and females
reported to be 64-94 mm (Goin and Netting, 1940; Richter and Seigel, 2002). Comparing
size ranges between in situ and ex situ populations is further complicated by the fact that
animals housed ex situ are fed a constant diet, whereas animals in situ may have more
variable weights due to less consistent nutrition, in turn potentially affecting size
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measurements. Moreover, time of year may also play a role in size measurements, as
females of many species can exhibit dramatic weight increases when gravid (Kuramoto,
1978). For some anuran species, growth is reported to continue throughout adulthood,
therefore the age class of a frog must also be considered when making size measurements
(Howard, 1981). In this study, all the animals were similar in age (4-6 years old), so this
should not account for differences in the measurements. In addition to variability based
on these environmental variables, SVL has often been criticized as a measure because of
its high inter and even intra-observer variability (Hayek et al., 2001; Lee, 1982; Lee,
1990). The difficulty obtaining a consistent SVL measurement may partially explain the
wide range of sizes reported in the literature. In this study, a single researcher performed
all SVL measurements to reduce the effects of inter-observer variability.
Predicting sex based on the presence of nuptial pads was quite accurate and easy
to perform. This method was slightly complicated by the fact that some frogs, both males
and females showed variation in the apparent presence or absence of nuptial pads
throughout the year. It is known that many of the secondary sex characteristics are under
control of steroid hormones in anurans, therefore they may be more or less visible at
certain times of the year (Duellman and Trueb, 1994). The animals were also treated
periodically with exogenous hormone treatments for separate studies, so this may have
affected the visibility of the nuptial pads. Two of the males rarely showed evidence of
nuptial pads, therefore they were misidentified as females using the method of classifying
animals with nuptial pads for less than 50% of the year as females. Interestingly, there
were some females which appeared to have nuptial pads during a few months of the study
(though not more than 50% of the time). Nuptial pads would be expected to occur only
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on sexually mature males, however because of the dark spotted pattern on the hands of
many MGFs there may have been instances where the darkened patches on a female’s
hands appeared to look like nuptial pads. Similar to variability in size measurements,
there can be differences in how observers view a particular physical trait (Lee, 1990),
therefore a single observer was also used to collect nuptial pad data throughout the study.
Despite the minimal discrepancies, using the presence or absence of nuptial pads
to predict sex was an easy and reliable measure to collect in our population, and is
therefore recommended for use as a preliminary method for predicting the sex of MGFs,
or can be utilized if other sex identification methods are not available. It has been
reported that some populations of captive anurans tend to have reduced or absent
secondary sex characteristics (Kouba and Vance, 2009), however this did not appear to
be a problem for most frogs in our population of MGFs. Although if many of the animals
in population appear to lack nuptial pads, this explanation should be considered and
alternative sex identification methods will need to be used. It may also be useful to
periodically reassess the state of the nuptial pads to see if any animals have developed
nuptial pads since the last check, indicating they may be male. Since nuptial pad presence
is under hormonal control, rechecking animals during breeding season or following any
hormone treatments may cause nuptial pads to appear or become more distinct (Kouba
and Vance, 2009). However, using hormones to attempt to induce the presence of nuptial
pads or obtain gametes for sex identification is rather invasive, wastes hormones, and
requires that the animals have a rest period before any other hormone therapies can be
applied. It may also affect reproductive output in response to subsequent hormone
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treatments. Therefore, using exogenous hormone treatments should be reserved for cases
where non-invasive methods have failed to give a clear answer.
The use of exogenous hormone treatments to stimulate the production of eggs and
sperm was not tested directly in this study, but we were able to collect this data
opportunistically from other studies ongoing in the lab, allowing confirmation of the true
sex of the frogs used in the analysis. The use of hormone injections was unsuccessful at
identifying the sex of all animals in the population. Only those animals which the sex
could be confirmed were included in this study’s analysis, and there remained one
presumed female (based on lack of nuptial pads and ultrasound data) in our population,
whose sex could not be confirmed, because no eggs were deposited, even after many
rounds of hormone injections. There were also several animals, both males and females,
which required two or more hormone treatments before a confirmation of sex could be
made. This highlights that more invasive methods may not be foolproof, and the authors
encourage the use non-invasive methods when possible to minimize demands on the
animal.
Ultrasound technology is likely available at many zoological institutions and
universities where frogs may be housed, but it can be extremely difficult to visualize the
actual reproductive organs (testes and ovaries) of anurans (Schildger and Triet, 2001;
Stetter, 2001). While this study found that ultrasound imaging was fairly successful in
correctly identifying the sex of MGFs when performed by someone with extensive
amphibian imaging experience, it could be argued that this technique may be of limited
use to those researchers with minimal amphibian ultrasound experience. The developing
follicles of gravid females are the most visible and easy to distinguish on ultrasound
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images, therefore for the average observer, the greatest accuracy in using ultrasound
imaging may be limited to females which have well developed follicles. For some anuran
species, particularly those that are highly seasonal in their reproduction, successful
imaging of the follicles may be limited to certain seasons, as follicles only grow and
develop during particular times of the year (Duellman and Trueb, 1994). Seasonality did
not appear be an issue for MGFs in this study which were observed to have follicular
development throughout the year based on regular ultrasound imaging (Graham,
unpublished data), however these females were also periodically treated with exogenous
hormones for separate studies so it is unknown how this may have affected their normal
pattern of follicular growth and development. For this study, we chose to use only a
single ultrasound image from the start of the study (prior to any hormone administration),
because females were also being utilized for separate studies involving exogenous
hormone therapies and manual expression of eggs during the study period. Following egg
expression, the ultrasound image changes drastically in females because any matured
oocytes are ovulated from the follicles and eggs can be deposited. This alters the
characteristic anechoic and hyperechoic pattern seen in gravid females during ultrasound
imaging until the next round of follicular development begins.
This is the first study to provide preliminary validation of urinary estrone and
testosterone enzyme immunoassays for the MGF. Parallelism and spike-recovery tests
suggested the commercially available assay systems tested in this study could be used to
assess estrone and testosterone concentrations in MGF urine samples. Both estrone and
testosterone concentrations were significantly different between the sexes, with higher
estrone concentrations measured in female samples and higher testosterone
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concentrations measured in male samples. Despite significant differences in both
hormones between the sexes, estrone showed greater accuracy for sex identification
purposes (90.4% in February and 88.1% in July) compared to testosterone (61.2% in
February and 76.2% in July) which showed large overlap in hormone concentrations
between males and females. Therefore, measuring urinary testosterone is not
recommended for sex identification purposes in the MGF. This is similar to other anuran
studies which measured the ability of urinary hormone to predict sex. In these studies,
estrone gluconeride was found to be higher in females and correctly predicted sex in most
cases, while testosterone concentrations showed greater overlap between the sexes
(Germano et al., 2012; Germano et al., 2009).
Overall, there was no significant difference between the two times of year
February (breeding season) and July (non-breeding season) within each sex for both
estrone and testosterone, however female estrone concentrations were generally higher
and more variable in concentration in the July samples compared to February samples.
Patterns of hormonal seasonality for the MGF are difficult to predict based on these
results because the animals had received exogenous hormone therapy for other ART
studies, and it is not known how these treatments may have affected seasonal profiles.
Animals had not been treated with hormones for several weeks to months prior to urine
collections for this study, therefore it is unlikely that endogenous estrone and testosterone
concentrations were elevated in response to recent exogenous hormone therapy. It may be
speculated that females demonstrated higher estrone and slightly higher testosterone
concentrations in July as this was just after breeding season, and follicular development
may have resumed at this point. It has been found that there are shifts in steroid hormone
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profiles throughout the year based on the state of follicular development, with
testosterone and estrogen increased during mid-folliculogenesis and vitellogenesis (Kwon
et al., 1991). Based on transabdominal ultrasound data which coincided with July urine
collections, many females demonstrated small to medium sized follicles based on a
grading scale for ultrasound imaging established for MGFs (Graham, unpublished, see
Chapter IV). Furthermore, all of the females misidentified as males based on July
samples had low or no follicular development on ultrasound imaging, which may
coincide with the low estrone concentrations measured. More work is needed to elucidate
the patterns of follicular and egg development and their relationship to hormone
concentrations in the MGF. In addition, this study only measured two hormones at two
different times of the year for sex identification purposes. Future studies should test other
hormones such as estradiol, progesterone, or dihydrotestosterone for sex identification,
although estrone appears to accurately identify the sex of MGFs in most cases. As
previously mentioned, seasonal hormone profiles were not measured in this study
because the animals were treated with exogenous hormone therapies throughout the year
for ART assisted breeding. It may be worthwhile to attempt to determine annual hormone
profiles in non-hormone treated animals, or in MGFs in situ, where seasonal differences
may be more apparent.
Conclusions
A number of different non-invasive and minimally invasive techniques for sex
identification were trialed and compared for the weakly dimorphic MGF. Ultimately,
each technique had specific advantages and disadvantages. Research groups must find a
balance between the need for an accurate answer and the amount of time and cost they
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are willing to invest into sex identification. For MGFs, assessing the presence/absence of
nuptial pads may provide a quick and easy answer to determine males, however the
coloration of the frogs’ digits and variability in nuptial pads throughout the year may
result in some inaccurate predictions. Ultrasound may be useful in identifying females
with well-developed follicles when the equipment is available, however the technique can
be somewhat subjective and follicles can be difficult to discern in some cases. Analysis
of urinary estrone provides an accurate answer in most cases, but requires more time and
cost (collecting samples, running assays, etc.) in order to achieve an answer. Size
measurements had limited success in the MGF and are not recommended for use. Of the
methods reviewed in this paper, there is not a single 100% accurate method for sex
identification in the MGF. Using multiple methods such as assessing the presence of
nuptial pads paired with hormone analysis will likely provide the greatest accuracy.
The techniques in this study were applied and discussed specifically in regards to
adult MGFs. These methods will hopefully be useful to groups working with the MGF to
improve management and efficiency of captive breeding efforts. These techniques may
also have applications to other weakly dimorphic and monomorphic anuran species, and
should be explored as potential tools for sex identification in other difficult to sex
species.
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HORMONAL INDUCTION OF OVULATION IN THE MISSISSIPPI GOPHER FROG
(LITHOBATES SEVOSA): A TRIAL OF FOUR EXOGENOUS HORMONE
TREATMENTS FOR ASSISTED REPRODUCTION OF A
CRITICALLY ENDANGERED SPECIES

Introduction
Over the last several decades, amphibian populations have been decreasing at
alarming rates, with over a third of species estimated to be threatened with extinction, and
nearly one half of the remaining species showing population declines (IUCN, 2008;
Stuart et al., 2004). The establishment of captive assurance colonies has been a major
strategy to combat the ongoing decline of amphibians, with one of the major goals of
these colonies being to breed declining species in captivity as a safety net against
extinction in the wild (Gascon, 2007; Zippel et al., 2011). However, it has come to light
that many of these amphibian species do not naturally breed well, or at all, in captive
settings, complicating the challenge of amphibian conservation. Difficulty breeding
amphibians in captive settings has necessitated the use of assisted reproductive
technologies (ART), which includes strategies such as exogenous hormone therapies to
stimulate the production and release of gametes, artificial fertilization, and
cryopreservation of gametes (Clulow et al., 1999; Clulow et al., 2014; Kouba et al.,
2012a). The small size, high reproductive output, and external fertilization of many
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amphibian species, particularly those in the anuran family, makes them well suited for
ART use (Clulow et al., 2014; Griffiths and Pavajeau, 2008; Roth and Obringer, 2003).
However, due to the diverse reproductive biology of amphibians, there is not one
standard protocol that can be applied to all species. Even strategies among closely related
species can vary widely, making the transfer of technology between species a limited
solution (Kouba et al., 2012a). This often means that when working with a new species, a
novel set of species-specific techniques may need to be developed in order to
successfully reproduce a species.
One species that exemplifies the amphibian extinction crisis and the challenges of
captive breeding is the Mississippi gopher frog (MGF; Lithobates sevosa). This species
once ranged throughout the long leaf pine ecosystem of southern Louisiana, Mississippi,
and Alabama, but currently only two small populations of approximately 100 adult MGFs
remain in Mississippi (Hammerson et al., 2004a; USFWS, 2012a). The drastic decline of
the MGF is primarily the result of habitat loss and urbanization, and in order to help
protect the species until habitat could be restored, a small number of individuals were
taken into captive breeding populations (CBPs). However, the MGF has never
reproduced naturally in captivity, and only limited studies investigating ART strategies
for the MGF have been performed (Kouba et al., 2011). Protocols for hormonal induction
of spermiation and cryopreservation of spermic urine have been accomplished for this
species (Germano et al., 2011a; Langhorne et al., 2013), but one of the biggest remaining
challenges for assisted reproduction in the MGF is the ability to reliably induce ovulation
and obtain eggs from the females.
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Across all amphibian species, obtaining eggs is frequently the rate limiting step in
assisted reproduction (Kouba and Vance, 2009). Therefore a variety of exogenous
hormone treatments have been studied for their success to induce ovulation and
oviposition in anuran species. These hormone treatments target different areas of the
hypothalamic-pituitary-gonadal axis, with the focus for amphibian ART primarily
directed at stimulating luteinizing hormone (LH) release or stimulating the gonadal LH
receptors, since ovulation is preceded by a surge of LH (Clulow et al., 2014; Fernandez
and Ramos, 2003).
Gonadotropin-releasing hormone agonists (GnRHa; also commonly referred to as
luteinizing hormone releasing hormone (LHRH) in amphibian literature) have been used
frequently in captive breeding programs (Clulow et al., 2014; Whitaker, 2001). This is an
advantageous method because it uses the animal’s endogenous reproductive pathways to
produce a response (Kouba et al., 2012a). GnRHa has been used to induce ovulation in
species within the genera Rana/Lithobates, Xenopus, Lepidobatrachus, Bufo/Anaxyrus,
Dyscophus, Eleutherodactylus, Pseudophryne (Byrne and Silla, 2010; Michael et al.,
2004; Silla, 2011; Waggener and Carroll, 1998; Whitaker, 2001), however, the necessary
doses and response has been varied across species. The use of human chorionic
gonadotropin (hCG) is also commonplace in amphibian ART studies. This hormone is
thought to stimulate the LH receptors of the gonads resulting in LH-like effects, and has
become a replacement for pituitary homogenates which are no longer encouraged for use
due to concerns over disease transmission (Clulow et al., 2014; Kouba et al., 2009). In
comparison to GnRH, the doses of hCG administered tend to be much greater
concentrations (500-1000IU), in part due to the low specificity of hCG to amphibian
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receptors (Kouba and Vance, 2009; Subcommittee on Amphibian Standards, 1996).
Nonetheless, hCG has proved highly successful in several species, and for some species
can be more effective than GnRH at inducing ovulation, as observed in American toads
(Anaxyrus americanus) and Fowler’s toads (Anaxyrus fowleri) (Browne et al., 2006a;
Johnson et al., 2002; Kouba and Vance, 2009). Use of hCG has been successful to induce
ovulation in species of the genera Bufo/Anaxyrus, Rana/Lithobates, Xenopus,
Eleutherodactylus, Engystomops, and Mixophyes (Browne et al., 2006a; Clulow et al.,
2012; Hollinger and Corton, 1980; Johnson et al., 2002; Kouba et al., 2009; Lynch et al.,
2006; Michael et al., 2004).
A combination of hCG and GnRH may have the greatest efficacy in some species,
particularly when low doses of hormones are used to “prime” the follicles/eggs first
(Browne et al., 2006b; Calatayud et al., 2015; Clulow et al., 2014; Kouba et al., 2011;
Kouba et al., 2009). Priming doses which are given at lower concentrations than
ovulatory doses (typically 1/4 to 1/5 the concentration) may be necessary for oviposition
in some species, such as the Wyoming toad, Anaxyrus baxteri (Kouba and Vance, 2009).
Unlike American toads which respond to a single dose of hCG, the Wyoming toad
instead requires at least one priming dose to successfully ovulate and reproductive output
is further increased when two priming doses are given (Browne et al., 2006b). Therefore,
a series of injections may be considered if reproductive response is low using a single
hormone treatment.
The use of dopamine antagonists paired with a GnRH agonist is a relatively new
technique in amphibian ART. Extensive research in fish has shown dopamine inhibits LH
release in the pituitary in some species (Dufour et al., 2005; Peter et al., 1986; Trudeau,
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1997). Evidence that dopamine may similarly affect the amphibian reproductive system
resulted from early experiments in which lesions on the hypothalamus of the Rana
temporaria resulted in increased GnRH and LH release, as well as advanced the onset of
spawning (Sotowska-Brochocka, 1988; Sotowska-Brochocka and Licht, 1992). Further
studies utilizing dopamine agonists in R. temporaria suggested that, as in some fish
species, dopamine may inhibit LH release and ovulation, while dopamine antagonists
could be used to override this catecholamingeric inhibition and advance ovulation in
amphibians (Sotowska-Brochocka et al., 1994). Despite this finding, dopamine
antagonists have been utilized minimally as part of hormone therapy for amphibian
breeding. However, limited studies, particularly those in northern leopard frogs
(Lithobates pipiens), have shown promise for the use of dopamine antagonists to
successfully inducing spawning in amphibians (Trudeau et al., 2013; Trudeau et al.,
2010). The authors of these studies named the combination treatment of a dopamine
antagonist paired with a GnRH agonist the “Amphiplex” method, and have demonstrated
preliminarily that the technique is transferable to several endangered amphibian species
(Trudeau et al., 2010).
Initial attempts to induce ovulation and egg deposition in the MGF females trialed
a protocol of two low priming doses of hCG administered several days apart, followed by
a larger dose of hCG paired with GnRHa (Kouba et al., 2011). This was unsuccessful to
induce ovulation, but repetition of this injection several month later resulted in ovulation
and egg expression of the frogs. While this method was ultimately successful, it required
multiple rounds of hormone injections in order to produce eggs. Therefore it is worth
exploring if successful egg production in the Mississippi gopher frog can be
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accomplished using fewer injections by trialing new or different doses of exogenous
hormone treatments. If successful, this would increase efficiency of breeding efforts,
while decreasing animal handling, and reducing costs associated with multiple hormone
injections.
Use of ART for amphibian reproduction is further complicated by the fact that, in
many cases, researchers cannot easily tell the reproductive status of the animals, or
cannot tell if the hormone treatments being tested produced a response. For females,
ultrasound imaging provides an opportunity to view the development of follicles and eggs
in the body cavity, and these are particularly easy to visualize in gravid females
(Mannion, 2008; Schildger and Triet, 2001; Stetter, 2001). The skin of amphibians is
readily penetrated by ultrasound waves and anesthesia is not necessary, thus, this is an
easy and non-invasive tool assuming the frog is of sufficient size (Schildger and Triet,
2001). Despite its relative ease to perform, ultrasonography of amphibians has been
mainly limited to use in medical examinations. Only a few studies of anurans have
attempted to use ultrasonography for assessment of reproductive status or visualization of
follicles/eggs (Johnson et al., 2002; Reyer and Bättig, 2004). It may be worthwhile to
increase the use of ultrasonography in amphibian ART in order to increase understanding
about the effectiveness of hormone treatments and determine best candidates for ART
treatments. Ultrasound imaging was utilized alongside hormone therapies in the MGF to
facilitate breeding efforts.
The objective of this study was to compare the success of several exogenous
hormone treatments to induce ovulation and egg expression in the critically endangered
Mississippi gopher frog. To our knowledge, this is the first comparative hormone study in
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the MGF and is the first study to utilize a dopamine antagonist (the “Amphiplex”
method) for successful ovulation in the MGF. In addition, ultrasound was used as a
complementary tool to hormone therapy to assess the reproductive state of female
Mississippi gopher frogs. A follicle grading scale for imaging was established that may
be useful for determining best candidates for hormone therapy, and may be transferable
for use in other anuran species.
Materials and Methods
Animals
A total of 26 female Mississippi gopher frogs (Lithobates sevosa) housed at
Mississippi State University’s Amphibian Conservation Lab (Starkville, MS) were used
throughout the study period. All animals were captive-reared as part of CBPs at the
Memphis Zoo and Omaha’s Henry Doorly Zoo, and were transferred to Mississippi State
University prior to the start of the study. Females were approximately 4 to 6 years old.
Animals were implanted with passive internal transponder tags (PIT tags) for
identification purposes.
Housing conditions consisted of plastic polycarbonate tanks (46 x 66 x 30 cm;
Habitat Systems Limited, Des Moines, IA). Approximately half of the tank was covered
with moistened organic moss, and a small plastic hide (Medium Reptile Hide; LLL
Reptile and Supply Co, Oceanside, CA) was provided to give ample cover for the frogs.
On the other half of the tank, frogs had access to aged tap water in bowls. Frogs were
kept on a natural light cycle (Starkville, MS; 33.4625° N, 88.8200° W). Animals were
housed with one to four conspecifics, in both single and mixed-sex housing
arrangements.
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During the treatment periods (10 days), females were transferred to individual
plastic holding tubs (approximately 19 x 29.5 x 15.5 cm) for closer observation and to
track the number of eggs laid by a female. Tubs were placed on a slight angle, with aged
tap water forming a small pool at the bottom of the tub, and dampened moss was
provided as cover on the dry region of the tub. Animals were checked once per day
during which all study parameters were measured to minimize handling stress.
In both housing settings, animals were provided prey items (crickets, mealworms,
and wax worms) three times per week. Mealworms and wax worms were gut loaded prior
to feeding using Repashy “Superload” supplement (Repashy Ventures Inc., Oceanside,
CA), and placed in small plastic dishes in the tanks. Crickets were gut loaded with fresh
fruits and vegetables sprinkled with the Repashy diet, and crickets were dusted with
calcium (Fluker's Calcium with D3; Flucker Farms, Port Allen, LA) before distribution.
All animal husbandry practices and treatment protocols were approved by
Mississippi State University Institutional Animal Care and Use Committee (IACUC #10082).
Ultrasound and treatment assignment protocol
Four hormone treatments were tested for their efficacy in inducing ovulation and
egg expression at two different times of year (fall and spring). In order to more fairly
determine the success of the hormone therapies, ultrasonography was used as a
complementary tool to assess the stage of follicular development prior to hormone
injection, and then utilized following hormone injection to monitor changes in follicular
development in response to exogenous hormone treatment. Transabdominal ultrasound
imaging was performed using a Sonosite MicroMaxx ultrasound (Sonosite Inc., Bothell,
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WA) equipped with a 38-mm broadband linear array transducer (range 13-6 MHz), or a
Sonosite Titan ultrasound with 38-mm broadband linear array transducer (range 10-5
MHz). Females were graded on a scale of 0 to 5, with 0 being essentially no follicular
development and 5 indicating the presence of well-developed eggs ready for expression.
The grading scale and examples of each grade can be seen in Figure 4.1. We
hypothesized that the patterns seen in grades 0 to 4 were representative of follicle/oocyte
complexes, and thus were referred to as follicles. The changes observed in the grade 5
ultrasound images were thought to be related to ovulation, and thus the gametes from
these images were referred to as eggs. The term egg was also used for gametes which had
been deposited by the female or were manually expressed from the frog by a researcher.
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Figure 4.1

Transabdominal ultrasound grading scale (0-5) for Mississippi gopher frogs

Panel A: Grade 0—Non-distinct or no follicular development. Body cavity is “grainy” in
appearance. Panel B: Grade 1—Minimal follicular development. Body cavity is still
“grainy”, however small oocytes (white specks) are beginning to be distinguishable in the
follicle/oocyte complex. Panel C: Grade 2—follicles/oocytes are small, but becoming
more distinguishable and spread apart. Panel D: Grade 3—oocytes are small, but distinct
and are starting to show clear dark area surrounding them perhaps indicative of the
follicular fluid. Panel E: Grade 4—Oocytes are larger and show large dark areas between
them suggesting growth of the follicle/oocyte complex. Panel F: Grade 5—Eggs are
large, and may appear slightly blurry, and are thought to have been ovulated; eggs are
spread throughout body cavity, and may appear low/caudal in body cavity (suggesting
movement into the oviduct).
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Treatment trials were performed at two different times of year: early spring and
late summer-fall on each female. The MGF is generally described as a spring breeder,
however breeding and egg deposition is sometimes observed in the fall in response to
hurricane rains (Hammerson et al., 2004a; Richter et al., 2003). Trial 1 was performed
from approximately August through early December 2014 (Fall 2014), and Trial 2 was
performed from March to May (Spring 2015). Prior to the start of Trial 1, ultrasound
imaging was performed on each female and an ultrasound grade was assigned based on
the scale described previously. This was used to separate females of each grade, such that
each hormone treatment received the same number of females at each stage of follicular
development, as it would be expected that the various follicular grades may respond to
the hormone treatments differently. From the pool of frogs in each ultrasound grade, the
hormone treatments were randomly assigned to the females. There were n=5 females per
treatment group in Trial 1 and n=6 females per treatment group in Trial 2. Because the
frogs were assigned based on their natural grade (no attempts to alter the grades were
made), there were different numbers of each grade (grade 1-4) in each trial (fall versus
spring), however each hormone treatment group had equal numbers of individuals of
each ultrasound grade (see Table 4.1). Due to the limited number of Mississippi gopher
frogs in captive breeding populations, the same females were used in Trial 2. Prior to
Trial 2, each female’s follicles were re-graded and she was randomly assigned to a
different hormone treatment than the one received in Trial 1. Two of the females used in
Trial 1 died prior to the start of Trial 2 from non-experiment related causes, and thus
there animals were replaced for Trial 2. Four additional new females were also
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introduced to the colony prior to Trial 2, accounting for the increase in animal numbers in
Trial 2.
Table 4.1
Treatment
A
B
C
D

Number of females of each ultrasound grade at the start of each trial
Grade 1-2
1
1
1
1

Fall (Trial 1)
Grade 3
Grade 4
1
3
1
3
1
3
1
3

Spring (Trial 2)
Grade 1-2
Grade 3
Grade 4
1
3
2
1
3
2
1
3
2
1
3
2

Hormone treatments, doses, and timelines are outlined in Table 4.2, and included
use of: A) a synthetic GnRH agonist (GnRHa; #L4513, Sigma Aldrich, St. Louis, MO);
B) GnRHa along with the dopamine receptor antagonist metoclopramide-hydrochloride
(MET; #M0763 Sigma Aldrich); C) GnRHa plus human chorionic gonadotropin (hCG;
#C1063, Sigma Aldrich); and D) GnRHa plus hCG following two low priming doses of
hCG. The day of the ovulatory injection was considered Day 0 of the trial, any priming
doses (Treatment D) were given on Day -4 and Day -1 to the ovulatory injection.
Table 4.2
Treatment
A
B
C
D

Hormone treatment doses and timelines
Day -4
---3.7 IU/g BW hCG

Dose Timeline
Day -1
Day 0
-0.4 µg/g GnRHa
-0.4 µg/g GnRHa + 10 µg/g MET
-0.4 µg/g GnRHa +13.5 IU/g BW hCG
3.7 IU/g BW hCG 0.4 µg/g GnRHa +13.5 IU/g BW hCG

The GnRHa lyophilized powder was reconstituted in distilled water to a
concentration of 1 µg/µl, and aliquoted into tubes (50 µl each) for storage at -20°C prior
to use. Aliquots were thawed shortly before use and not used more than 24 hours post129

thaw, as the hormone degrades quickly post thaw. The MET was measured and diluted in
0.7% saline solution as per previously published Amphiplex protocol (Trudeau et al.,
2010), to a stock concentration of 5 µg/µl. A fresh stock of MET was prepared for each
frog prior to injection. Vials of 2500 IU hCG were reconstituted in 500 µl phosphate
buffered saline solution (PBS; #0928103 MP Biomedicals, Santa Ana, CA), to make
stock solutions of 5 IU/µl. The hCG stock was used immediately or stored at 4°C (for not
more than 5 days). Females were weighed just prior to injection and all hormone
treatments were prepared on a per gram body weight (BW) dose to ensure treatment
efficacy was not affected by the varying body weights of females (range: 29.7 g to 66.4
g). Hormone doses were prepared in sterile tubes (Biopur #022600028, Eppendorf North
America, Hauppauge, NY) from the described stock solutions, and administered
intraperitoneally in the body cavity space near the gonads using BD PrecisionGlideTM
27G x ½ inch needles (#305109, BD, Franklin Lakes, NJ) and 1 ml luer syringes
(NORM-JECT #4010-200V0, Henke-Sass Wolf, Tuttlingen, Germany).
Post injection monitoring and egg expression protocol
Following ovulatory hormone injection (Day 0), each female was placed in a
holding tub and checked once daily for weight (g), presence of eggs, and ultrasound
grade for the next 10 days, or until all eggs were expressed. During each check, an
attempt to manually express eggs was performed. Previous experience in our lab showed
the MGF females rarely deposited eggs on their own, and instead manual expression of
eggs was necessary for egg deposition (Graham and Langhorne, personal observation). If
present, ovulated eggs could be manually expressed by lifting open the female’s cloaca
with a small probe while simultaneously providing gentle squeezing pressure to the sides
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of her abdomen, sweeping from the forearms toward the hind limbs. The egg check was
performed “blind” (before daily ultrasound), to ensure the ultrasound grade of the female
did not influence the amount of squeezing stimulus the frog received. Following the daily
egg check, ultrasound imaging was performed. The ultrasound grade was recorded for
each Day 1-10 post hormone treatment.
If eggs were not expressed by Day 10 post injection, Round 1 of treatment was
concluded and the animal was returned to its normal tank. Approximately one month
later, the female was again ultrasound scanned, reweighed, and reinjected with the same,
previously assigned hormone treatment (Round 2 of treatment). The same daily check
protocol was used as Round 1. If the animal failed to respond by Day 10 in Round 2, the
frog was returned to its tank for approximately one month, before being injected with a
third and final hormone treatment (Round 3) for the trial, following the same protocol
outlined above. If the animal did not respond after the third round of hormone therapy it
was deemed “non-responsive” for the trial, and the hormone injections were stopped until
the subsequent trial (Trial 2).
If during any round of hormone treatments, eggs were visible in the cloaca during
the daily check, the animal was deemed a “responder” for the trial. Females were
squeezed daily for egg expression until all eggs were deposited based on visualization by
ultrasound (return to Grade 0-1). The number of animals responding in each hormone
treatment, and the number of injections until response were recorded. The number of
days post hormone administration to egg expression and the total number of eggs
expressed by the female were also documented for each responder. A measure of relative
fecundity for responding females was determined by dividing the total number of eggs
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produced by each female by her body weight at injection, similar to that seen in Trudeau
et al. (2013; 2010) to account for the fact that larger anurans tend to lay more eggs than
smaller individuals.
Artificial fertilization trials and measure of fertilization rate
On the first day eggs were observed from a female, artificial fertilization (AF)
trials were performed on a subset of expressed eggs. These trials were performed to
compare potential differences in egg quality based on hormone treatment. Sperm used in
the AF trials was collected fresh (within 48 hours) from MGF males in the MSU colony.
Males were injected interperitoneally with a combination of 500IU hCG and 15 µg
GnRHa according to our lab’s protocol (Germano et al., 2011a; Kouba et al., 2011), and
spermic urine was collected in a clean dish by inserting a small piece of catheter tubing
(#BB31785-V/5; Scientific Commodities Inc, Lake Havasu City, AZ) into the cloaca of
the male to stimulate urination. Sperm parameters (percentage of total motility,
percentage of forward progressive motility, and quality of forward progressive motility)
were assessed on 100 sperm. Sample concentrations were calculated using a Neubaeur
hemocytometer. Only spermic urine samples showing greater than 50% motility were
used. Because the males could only be stimulated to spermiate every few weeks, the same
males and sperm samples could not be used for all fertilization trials. Therefore, two
males were randomly selected for spermiation each time eggs were observed.
Artificial fertilization trials were performed by expressing approximately 20-30
eggs per 150 mm x 15 mm petri dish (FisherBrand #0875714; Fisher Scientific,
Pittsburgh, PA) using the squeezing method described above, and using a rounded edge
probe to open the cloaca and guide the eggs into a clump on the dish. Two sets of three
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dishes (six dishes total per female, three dishes for each male) were used in each AF trial.
Just prior to addition to the eggs, sperm samples were diluted in non-spermic frog urine
to a concentration of approximately 1000 sperm per egg (~20,000-30,000 sperm per dish)
in 100 µl volume to standardize concentration across the dishes and decrease the
possibility of polyspermy. The 100 µl diluted spermic urine sample was pipetted directly
onto the eggs immediately following egg expression from the female, with one 100 µl
diluted sperm aliquot used per dish. Eggs were then left for a 5 minute “dry fertilization”
period to allow the sperm to penetrate into the egg jelly. After this period, the dishes were
flooded with aged tap water and left undisturbed to allow development. Fertilization rate
(%) was determined approximately 4-6 hours later by counting the number of 2-4 cell
embryos in each dish out of the total number of eggs in the dish. Average fertilization
rate (%) for each responding female was calculated by averaging the fertilization rate
across all of female’s AF dishes.
Control injection
Each female acted as a control in this study. For the control trials, ultrasound
imaging was used to determine the ultrasound grade of the female before injection with
200 µl PBS. Females were then checked daily (for five days) for the presence of eggs
using the probe and squeezing method described above. A shortened trial (5 days) was
used to avoid stress and injury to the animal when attempting to express non-ovulated
eggs. Daily ultrasound was also performed to confirm there were no major changes in
follicular development in response to the injection/handling procedure. The control trials
were repeated three times (once per month for three months), to mirror the same
conditions as those used during the hormone treatment trials.
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Statistical analysis
Data are expressed as mean ± SE. Statistical analysis were performed in SAS
(Version 9.4; Cary, NC), and significance for all tests was set at P<0.05. Prior to analysis,
normality of each dataset was verified using Shapiro-Wilks’ test and homoscedasticity of
variances was verified using Levene’s test. During preliminary analysis, a two sample ttest was used to confirm there was no significant difference in any of these measures
based on trial (Trial 1 versus Trial 2), and an analysis of variance (ANOVA) was used to
confirm the number of rounds of hormone injections (Round 1, 2, or 3) a female received
prior to response did not affect the total number of eggs, relative fecundity, or average
fertilization rate. Because no significant differences (P>0.05) were found for these
preliminary tests, all data was pooled together for each treatment.
The total number of responding females for each hormone treatment was
compared to the control using Fisher’s exact test. A one-way ANOVA was used to test
for statistical differences between the hormone treatments (A, B, C, and D) for the total
number of eggs produced per responding female, relative fecundity of the females, and
average fertilization rate of eggs. Post-hoc comparisons were made using the least square
means procedure for significant results.
Results
Responding animals
Of the 11 females in each treatment group (across the two trials), 5 responded to
Treatment A, 7 to Treatment C, and 8 females responded to Treatments B and D. No
females produced eggs during the control trials. There was a significant difference in the
number of responding (ovulating) frogs for all treatments compared to the control
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(P<0.05 Treatments A, B, C, and D compared to the control; Figure 4.2). The number of
rounds of hormones (1, 2, or 3) necessary to induce ovulation varied slightly different
between hormone treatments. The median number of rounds of hormone injections to
induce ovulation was 2 for Treatment A, 1.5 for Treatment B, and 1 for both Treatments
C and D.

Figure 4.2

Percentage of responding females for each hormone treatment group

(*) indicates a significantly greater response for each treatment (n=11 females per
treatment) compared to the control (P<0.05). No females deposited eggs during the
control trials (n=24 females).
All responding females showed an increase in ultrasound grade to a Grade 5 prior
to successful egg expression. The ultrasound image of a Grade 5 female looked distinct
from the other grades, and the egg mass was frequently observed to move toward the
caudal end of the body cavity prior to successful egg expression (Figure 4.3). Only those
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females that were a Grade 3 or 4 at the start of the each trial expressed eggs, however not
all Grade 3 and grade 4 females successfully ovulated and expressed eggs. No females of
Grade 1 or Grade 2 scores ovulated and expressed eggs during either of the trials. For
responding females, eggs were first able to be expressed on Day 2 or Day 3 post hormone
administration. Females varied in egg number and the number of days necessary to
express all eggs. To avoid injury to the animals, females were only handled each day for
egg expression until eggs were no longer easily exiting the cloaca with mild pressure.
The number of days to complete oviposition ranged from 1 to 6 days following first egg
expression.

Figure 4.3

Female with Grade 5 ultrasound image prior to egg expression

In a female with eggs ready for expression, the eggs are large and fill most of the body
cavity. Some of the eggs have moved caudally suggesting migration toward the cloaca.
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Treatment comparison
A t-test showed no significant difference between Trial 1 and Trial 2 (P>0.05) for
the total number of eggs produced, relative fecundity, and average fertilization rate of
eggs across all hormone treatments. Total egg number per responding female, relative
fecundity, and average fertilization rate were also not different based on the number of
rounds of injections a female received prior to response across all the treatments. Based
on these results, it was determined these measures could be pooled across the trials and
rounds of injections, and compared between the hormone treatments using a one-way
ANOVA.
The total number of eggs produced per responding female averaged 685±69 for
Treatment A, 625±58 for Treatment B, 481±62 for Treatment C, and 642±64 for
Treatment D (Table 4.3). There was no significant difference between the hormone
treatments (P>0.05) for the average number of eggs produced per responding female
(Figure .4.4). Across all four treatment groups the number of eggs produced ranged from
200 (Treatment C) to 898 (Treatment D). In total, 16,925 eggs were produced across all
hormone treatment groups and trials in this study.
Table 4.3

Average number of eggs, relative fecundity, and fertilization rate for each
hormone treatment

Treatment Number of Eggs/Female
A (n=5)
685±69 (477-849)
B (n=8)
625±58 (409-884)
C (n=7)
481±62 (200-672)
D (n=8)
642±64 (411-898)

Relative Fecundity
14.6±2.4 (7.0-20.2)
12.7±1.3 (8.6-17.9)
12.8±1.9 (3.5-19.4)
14.6±1.2 (9.3-19.7)

Fertilization Rate
56.9±9.8% (31.0-92.0%)a
54.7±6.8% (8.6-81.8%)a
28.7±8.2% (3.5-62.8%)b
59.1±5.7% (9.3-85.1%)a

Data are presented as mean ± SE (range). Only fertilization rate showed a significant
difference between the treatments, with Treatment C showing a lower fertilization rate
compare to the other treatments. Different superscript letters within the Fertilization Rate
column denote a significant difference (P>0.05) based on post-hoc comparisons.
137

Figure 4.4

Mean number of eggs produced per responding female for each treatment

Bars represent the mean number of eggs for each treatment with standard errors shown by
the whiskers. There was no significant difference (P>0.05) between the treatments for the
mean number of eggs produced per responding female.
Relative fecundity (a measure of the total number of eggs produced by a female
per gram of her body weight), was not significantly different (P>0.05) based on hormone
treatment (Figure 4.5). Relative fecundity averaged 14.6±2.4, 12.7±1.3, 12.8±1.9, and
14.6±1.2 for Treatments A, B, C, and D respectively (Table 4.3). The relative fecundity
values ranged from 3.5 to 19.7.
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Figure 4.5

Mean relative fecundity score of responding females for each treatment

Bars represent the mean relative fecundity score for each treatment. Standard errors
shown by the whiskers. There was no significant difference (P>0.05) in relative fecundity
score based on the hormone treatment.
Average fertilization rate was significantly different between the treatments
(P<0.05; Table 4.3; Figure 4.6). Treatment C (hCG and GnRHa, with no primes) showed
an average fertilization rate of 28.7±8.2% which was significantly lower (P<0.05) than
the average fertilization rates for Treatments A (56.9±9.8%), B (54.7±6.8%), and D
(59.1±5.7%). Average fertilization rates ranged from 3.5 to 92.0%.
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Figure 4.6

Mean fertilization rate of eggs from responding females for each treatment

Bars represent the mean fertilization for each treatment, with standard errors shown by
the whiskers. Treatments with differing letters have significantly different mean
fertilization rates. There was a significant difference (P<0.05) in mean fertilization rate
based on the hormone treatment, with treatment C showing a lower fertilization rate
compared to the other treatments.
Discussion
The Mississippi gopher frog has never bred naturally in captivity and requires
ART intervention in order to reproduce in captive breeding populations. In particular,
reliably obtaining eggs from female MGFs has been an ongoing challenge to successfully
propagate this species. Previous studies with the MGF showed limited success with a
hormone protocol similar to Treatment D (two hCG primes, followed by a combined
ovulatory dose of GnRHa and hCG) tested in this study (Kouba et al., 2011). The goal of
this study was to determine which exogenous hormone treatment(s) may be the best
option to reliably induce ovulation in the MGF and to investigate the use of
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ultrasonography as a complementary tool to reproductive hormone therapy in
amphibians.
All of hormone treatments trialed in this study were successful for induction of
ovulation in the Mississippi gopher frog and may be considered potential hormone
therapies for assisted reproduction in this species. Fewer animals responded to Treatment
A (GnRHa alone; 5 of 11 animals) compared to the other hormone treatments, but this
treatment was still significantly more successful than no hormone treatment. Eggs were
first expressible from a female on Day 2 or 3 post hormone injection. If a female did not
produce any eggs by Day 3 post hormone administration, she continued to show no signs
of eggs even when checks were continued to Day 10 post hormone administration. Also,
no eggs were expressed prior to Day 2 post hormone treatment. It might be speculated
that ovulation and migration of the eggs into the oviducts occurs during this period.
Knowing the timeline of egg production is crucial for the alignment of gamete collection
for successful artificial fertilization.
There were no significant differences between the hormone treatments in the total
number of eggs produced or the relative fecundity of the females. Treatment C
(GnRHa+hCG with no primes) had the lowest average number of eggs (approximately
480) compared to the other treatments which averaged greater than 600 eggs per female,
but there was no significant difference between the groups. Fertilization rate was
significantly lower for Treatment C compared to the other treatment groups, with mean
fertilization rates as low as 3.5% for some females. Therefore, the use of hCG and
GnRHa without priming doses may be inadvisable. Overall the total egg numbers and
fertilization rates reported in this study were similar to those observed by Kouba et al.
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(2011) when using a protocol similar to Treatment D (GnRHa+hCG, with primes) at
Omaha’s Henry Doorly Zoo. The group reported egg numbers of approximately 685 eggs
per female (a total of 6169 eggs from nine females) and an average fertilization rate of
39%. This group had primed the females several months beforehand with a set of hCG
and GnRHa injections which may account for some of the difference in values.
Interestingly, the group also found that females which were not primed in the
months beforehand (n=4) failed to ovulate (Kouba et al., 2011). However the present
study demonstrates that MGFs could be induced to ovulate on the first round of hormone
injections. While each treatment group (A, B, C, and D) had at least one responding
individual which ovulated on the first round of injections, the median number of
injections necessary for response was variable between the groups. Treatment A (GnRHa
alone) frequently required 2 or 3 rounds of hormone injections until ovulation occurred
(median of 2), compared to a median of 1.5 injections for Treatment B (Amphiplex
method), and a median of 1 round of injections for Treatments C and D (GnRHa and
hCG, with or without the hCG priming doses). This demonstrates that multiple rounds of
hormone injections are not always necessary for ovulation in the MGF. In order to reduce
costs associated with additional hormone injections and increase efficiency of breeding,
as well as minimize animal handling, it is may be best to pursue those treatments which
require fewer injections to produce a response. Minimizing animal handling could be an
important factor for successful captive reproduction of some species, seeing as excessive
handling of amphibians can result in a stress response, which in turn may affect
reproductive output (Licht et al., 1983; Moore and Jessop, 2003; Narayan et al., 2011).
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The requirement of priming several months in advance in the Kouba et al. (2011)
study may partly be explained by the fact that this group used a standard dose (500IU
hCG and 15µg GnRHa) across all females, and did not administer the dose on a per gram
basis as performed in the present study. Females ranged from 29.7 to 67.7 g in this study,
highlighting the variability in weight observed in the females. For females treated with
the combination of hCG and GnRHa administering on a per gram basis resulted in hCG
concentrations of approximately 400-900 IU and GnRHa doses ranging from
approximately 12-27 µg. This range includes the dose used by Kouba et al. (2011), but
given that females can vary greatly in weight, using a weight adjusted dose may result in
an improved response rate, particularly if the females are larger.
When taking into account the number of eggs produced, the fertilization rate, and
the number of injections needed to produce a response, it may be speculated that the
combination of hCG and GnRHa (used in Treatments C and D) provides the necessary
stimulation to induce ovulation in MGFs, but when priming doses are not utilized (as
used in Treatment D), the follicles/oocytes may not be fully mature when the ovulation
stimulus is received. This may result in the ovulation of immature eggs, explaining the
lower fertilization rate observed in Treatment C. Additionally, a lower number of eggs
may be ovulated due to a lack of maturation, thereby accounting for the slightly lower
eggs numbers of females in the Treatment C group. It is thought that hCG has LH-like
effects in amphibians and stimulates LH receptors of the gonads leading to follicle/oocyte
growth and development (Clulow et al., 2014; Kouba et al., 2012a). When combined with
a GnRH agonist, which stimulates an increase in gonadotropins from the pituitary
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(Clulow et al., 2014; Kouba et al., 2012a; Kouba and Vance, 2009), this “cocktail” of
GnRHa and hCG appears to be a powerful ovulation stimulus for the MGF.
Treatments A and B had significantly higher fertilization rates compared to
Treatment C, suggesting that the eggs may have been more mature when ovulated.
Treatment A and Treatment B generally required a greater number of rounds of hormone
injections prior to response (median number of rounds: 2 and 1.5 respectively) compared
to Treatments C and D which both only required 1 round of hormone injections.
Treatment A (GnRHa alone) relies on activating the animal’s endogenous reproductive
axis to produce a sufficient LH surge from the pituitary to stimulate ovulation (Clulow et
al., 2014). If this pathway is not sufficiently stimulated, GnRH alone may not be enough
to induce ovulation, or may require multiple rounds of injections to do so. Treatment B
(the Amphiplex method) pairs the GnRH agonist with a dopamine antagonist, which is
thought to help override the dopaminergic inhibition to LH release, thereby stimulating
an improved LH surge from the amphibian pituitary (Clulow et al., 2014; Trudeau et al.,
2010). Females in Treatments A and B which did not respond to the initial round of
hormone injections, these prior injections may have acted somewhat like a priming dose
and helped the development and maturation of the follicles/oocytes prior to ovulation.
Therefore, these treatments should not be discounted simply because they may require an
extra round of hormone injections prior to response. MGFs may be treated with either
GnRHa alone or with the Amphiplex method, and if the follicles/oocytes are fully
developed they will be ovulated on the first injection, however a second or third injection
in the following months may be needed for successful ovulation and egg deposition.
Considering that Treatment D requires a series of three hormone injections (two primes
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followed by an ovulatory dose of GnRHa and hCG) for each round of injections,
Treatments A and B may still be useful options that require similar or less amounts of
animal handling than other treatments. This is particularly true if the females do not
initially respond to Treatment D as observed in Kouba et al.’s study (2011), and occurred
in two instances in this study. Continued refinement of the treatments discussed in this
study, including modifications to the doses or timing or treatments, is worth exploring.
Other hormone therapies, such as the use of progesterone as a priming hormone to assist
in final egg maturation (Browne et al., 2006a; Schuetz, 1971), may improve the egg
numbers or fertilization rates observed in this study.
Ultrasound was found to be a valuable tool when used alongside hormone
treatments. The follicles or eggs of a female could be imaged and assessed using the
grading scale proposed by this study. The grading scale uses the pattern of anechoic
(dark) and hyperechoic (light) regions seen the frog’s abdominal scan to evaluate the
follicular development. We suggest the hyperechoic areas represent the oocyte, while the
anechoic regions may be follicular fluid surround the oocyte as it develops. As these
areas become larger and more distinct, the oocytes are likely developing and maturing,
with gravid females demonstrating a rather uniform pattern throughout the abdomen
(Stetter, 2001). It was determined in this study that only those MGF females with
medium to high ultrasound grades (Grade 3-4) successfully ovulated in response to
hormone treatments. Those females with low grade follicles (Grade 1-2) did not ovulate
following hormone treatment. Small, previtellogenic follicle/oocyte complexes are
thought to be gonadotropin independent (Jørgensen, 1992), thus it may be speculated that
the low grade follicles were still gonadotropin independent, potentially explaining why
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low grade females did not ovulate or show drastic increases in ultrasound grade following
hormone treatment in most cases. Following hormone treatment in responding females,
an increase in ultrasound grade up to a Grade 5 was observed prior to successful egg
expression. The ultrasound image of a Grade 5 looks distinct from the other grades and
may indicate ovulation, at which point we considered the gametes to be eggs (as opposed
to oocytes). The Grade 5 eggs were frequently observed to migrate to a more caudal
position in the body cavity (Figure 4.3) prior to expression and may be indicative of
movement of the eggs into the oviduct and toward the cloaca (Mannion, 2008).
Ultrasound was also useful in confirming all eggs were expressed from the females
following ovulation. Females which are egg bound or do not express all eggs can face
serious health consequences (Kouba et al., 2009). This may be an additional benefit to
using ultrasonography in amphibian ART, as a researcher can confirm all eggs are
expressed from a female following hormone treatment.
Despite its potential usefulness, ultrasound has been used rarely in amphibians to
assess reproductive status and response post-hormone treatment (Johnson et al., 2002;
Reyer and Bättig, 2004). Although it was not directly tested in this study,
ultrasonography of females may be a useful tool to choose the best candidates for
hormone therapy or to guide which hormone therapy should be utilized. A brief survey of
the reproductive status of the animals in a CBP via ultrasound can help researchers
determine which females are at the optimal stage of follicular development for a hormone
treatment. This may help avoid wasted time and resources, as well as reduce handling
stress, by only treating females which show medium or high follicular development
(Grade 3-4) and are likely to respond to hormone therapy. In addition, using ultrasound
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imaging may allow researchers to direct hormone treatments based on the reproductive
status of the animal. A female with a high ultrasound grade likely has a well-developed
and matured follicle/oocyte complex, and may be best treated with a single hormone
treatment such as the Amphiplex method or a combination of hCG and GnRHa to induce
ovulation. In contrast, those females with low or medium ultrasound grades may benefit
from a treatment which utilizes priming doses to aid in the development and maturation
of the follicle/oocytes.
Based on the many benefits previously discussed, we recommend that ultrasound
be incorporated into amphibian breeding programs using ART. Assuming the species is
large enough, a transabdominal ultrasound scan can be easily performed on a frog with
very little risk or disturbance to the animal (Stetter, 2001). Ultrasound machines are
likely accessible at many zoological institutions and universities, and should utilized
when available. A linear array transducer is needed, but a refurbished transducer can be
purchased relatively inexpensively depending on the ultrasound model. This is likely a
worthwhile investment for groups frequently utilizing ART for amphibian breeding. One
downfall to this technique is that ultrasonography can be somewhat subjective, but our
research group has found that after brief experience, the imaging patterns become
relatively easy and consistent to interpret, even if the researcher has not been extensively
trained in ultrasonography. The use of a grading scale, such as the one published here for
MGFs is useful in helping to gather consistent readings. Each new species studied may
need their own modified grading scale though, as imaging can be somewhat unique
between species (Mannion, 2008; Schildger and Triet, 2001).
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No difference was seen between the trials (Trial 1: Fall and Trial 2: Spring) in the
number of eggs, relative fecundity, or average fertilization rate. This was somewhat
surprising as the MGF is considered a spring breeder, though fall breeding is occasionally
observed (Hammerson et al., 2004a; Richter et al., 2003). This may be accounted for by
the fact that the environmental cues which are important to reproduction in amphibians
are often missing in captive settings (Duellman and Trueb, 1994; Kouba et al., 2012a).
Mississippi gopher frogs are stimulated to reproduce by the sudden rainstorms that fill
ephemeral breeding ponds (Hammerson et al., 2004a; Richter et al., 2003). While the
animals in this study were kept on a natural light cycle, other natural environmental cues
such as rainfall, temperature, and humidity changes could not be replicated. As
demonstrated in this study, hormone treatments may be useful to overcome these missing
environmental cues to stimulate gamete production, and in the MGF these treatments
may be used throughout the year, not just during breeding season. A more detailed study
of the effects of season may be needed to confirm there are no difference in reproductive
output based on time of year, however season may be a less important factor in MGF
reproduction because the species does not hibernate (Lannoo, 2005). Due to the limited
number of gopher frogs available in captive breeding colonies, the same females were
used in Trial 2 as Trial 1. For Trial 2 (Spring), females were re-randomized into a
different hormone treatment that the one they received in Trial 1 (Fall) to attempt to
minimize any effects from the previous treatment, but it remains difficult to draw
conclusions about seasonality and ART use.
However, using the same animals for the two trials allowed this study to
demonstrate that MGF females could be induced to ovulate using ART more than once
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per year. Unlike mammals, female amphibians have indeterminate oogenesis and not all
species have a distinctly timed cycle of oogenesis (Jørgensen, 1992; Norris and Lopez,
2011). Using ultrasound imaging to monitor the recrudesce of follicles/oocytes in the
months following egg expression may allow researchers to maximize reproductive output
from the animals, as hormone treatments can be used again once the follicles appear to be
developed. This study revealed females were capable of successful ovulation when given
approximately 4 to 6 months between treatments. Based on weekly ultrasound scans
between trials, females were quite variable in their time to resume follicular growth and
development following ovulation. Some females showed high follicular development
within a month following egg deposition, while others remained at a low ultrasound
grade for several months following egg deposition indicating minimal follicular
development. It is not known how the exogenous hormone treatments given during Trial
1 may have affected the rate at which the next round of follicular development.
While we demonstrated that eggs could be successfully collected from the same
female within the timeframe of just a few months, we also caution against the overuse of
hormone therapies. Although it is less of a concern in amphibians compared to mammals,
some anuran species can show reduced response rate to hormone therapies if
administered too often in the males (Kouba and Vance, 2009; Roth and Obringer, 2003).
A similar phenomenon may be possible in females. Furthermore, the development and
expression of eggs is a process that requires high energy demands and can be physically
tolling on the females. Overuse of hormone treatments and frequent egg expression may
be harmful to the animals, and research groups should proceed with caution, particularly
when working with endangered species. Based on the length of time needed for MGF
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females to recruit and develop another round of follicles following egg expression, a
minimum rest period of 4 to 6 months, is suggested between hormone treatments and egg
expression in this species. Considering many anuran species breed just once per year, a
longer rest period between hormone treatments may be beneficial in some species. The
long term effects of hormone therapy on MGF reproductive output are not known.
In total 16,925 MGF eggs were produced in this study across all of the hormone
treatments and both trials. Assuming even half of these eggs successfully fertilized (based
on the average artificial fertilization rate across the hormone treatments and trials in this
study) and developed into tadpoles, this would result in over 8,400 tadpoles. While only a
subset of eggs were fertilized in this study, we still able to produced hundreds of tadpoles
in our artificial fertilization trials. These numbers highlight the power of ART for
amphibian conservation. The ultimate goal of amphibian CBPs should be reintroduction
programs, and thus the ability to produce hundreds to thousands of tadpoles provides an
opportunity to augment wild populations. Considering the adult population of MGFs is
only around 100-200 individuals, reintroduction programs using AF produced tadpoles
have the potential to dramatically increase the wild population. The protection and
reestablishment of remaining MGF habitat is a crucial step to conserve this species and
allow reintroduction programs to begin.
Conclusions
Ultimately, all four exogenous hormone treatments tested in this study
successfully induced ovulation in the Mississippi gopher frog. Based on comparisons
between the treatments, use of the Amphiplex method (GnRHa and the dopamine
antagonist metoclopramide) or a combination of hCG and GnRHa following two low
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priming doses of hCG are recommended for use. These two treatments had the greatest
number of responding females, while resulting in successful ovulation and egg expression
after an average of 1 to 2 rounds of hormone treatment. These two treatments also
resulted in total egg numbers and fertilization rates that were equal to, or better than,
other hormone treatments with fewer responding females. Ultrasound imaging was a
valuable tool for assessing the reproductive status of MGF females prior to and following
hormone administration. Ultrasonography may also have applications for selecting the
females in a captive breeding population most likely to respond to hormone treatments, or
may be useful in guiding which hormone treatment is most appropriate for a female. We
recommend that ultrasound imaging be utilized alongside ART hormone therapies for
MGF breeding programs, and could be incorporated into other amphibian species’
reproduction programs as well. The results from this study have important implications
for the conservation of the Mississippi gopher frog, as this species does not naturally
breed in captivity. Successful hormone treatments determined in this study can be applied
to CBPs and eventually be used to produce offspring for reintroduction programs.
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DURATION OF MOTILITY AND VIABILITY IN SHORT-TERM COLD STORED
SPERMIC URINE FROM THE MISSISSIPPI GOPHER FROG (LITHOBATES
SEVOSA), AND COMPARISON WITH OTHER ANURAN SPECIES
(ANAXYRUS FOWLERI AND ANAXYRUS BOREAS BOREAS)

Introduction
In recent years, there has been an influx in the number of captive assurance
colonies of amphibian species to combat ongoing global declines in amphibian
populations, however successful natural reproduction of captive amphibians has been
limited (Griffiths and Pavajeau, 2008; Pounds et al., 2006; Stuart et al., 2004). Therefore,
the use of assisted reproductive technologies (ART) have become instrumental to the
breeding and conservation of many threatened and endangered amphibian species in
captive settings (Clulow et al., 1999; Clulow et al., 2014; Kouba et al., 2012a). Collection
of sperm using exogenous hormone treatments and subsequent cryopreservation of sperm
is an ART strategy that allows for the long-term storage and preservation of male
gametes, enabling the genetic contributions of an animal to be introduced into a new or
existing population (Clulow et al., 1999; Kouba and Vance, 2009; Roldan and Gomendio,
2009). Freezing sperm is a suitable and important tool for long-term preservation of
genetics, but requires multiple steps, specialized equipment (such as cryobanks), and
frequently has negative effects on the sample, including decreased concentration (due to
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dilution in cryoprotectant), decreased motility upon thawing, and general cryoinjuries
resulting in lowered success when used for artificial fertilization (Holt, 2000; Kouba et
al., 2013; Roth and Obringer, 2003). Therefore, in some situations freezing may be
impractical, and instead storage at cold (~4°C) temperatures, may be a useful alternative
that allows the sperm to maintain motility and viability in the short-term (days to weeks)
(Kouba et al., 2009).
Unlike mammalian sperm which experiences rapid and deleterious cold shock,
amphibian sperm has been demonstrated to maintain motility and viability at cold stored
temperatures of 0-4°C for days or weeks (Browne et al., 2001; Browne et al., 2002;
Kouba et al., 2009). Amphibian sperm stored at room temperature does not show the
same pattern, as motility decreases drastically over the course of several hours (Kouba et
al., 2009). This is similar to sperm from a variety of fish species which maintains motility
when stored at cold, but not frozen temperatures for hours to weeks, but deteriorates
rapidly at warmer temperatures (Dilauro et al., 1994; Hulata and Rothbard, 1979;
Marques and Godinho, 2004).
Spermic urine can be collected relatively easily from many anuran species
following administration of exogenous hormones, as frogs and toads are prone to urinate
when handled, or urine can be extracted with a small catheter (Kouba and Vance, 2009;
Kouba et al., 2009). Maceration of excised testes can also be performed as a method of
sperm collection, however this requires sacrifice of the animal, whereas multiple
collections can be made from a single animal if spermic urine is collected (Kouba and
Vance, 2009; Roth and Obringer, 2003). Following collection, analysis parameters
including concentration, morphology, motility, and viability can be assessed using
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various measures and staining protocols (Kouba et al., 2013; Roldan and Gomendio,
2009; Roth and Obringer, 2003).
Sperm from testes macerates or spermic urine from a number of anuran species
stored at cold (0-4°C) temperatures have been shown to maintain motility and viability,
as well as successfully fertilize eggs for days to weeks after collection. Sperm stored in
testes of the cane toad (Bufo marinus) maintained greater than 40% motility for seven
days at 4°C, and 10 days at 0°C, while diluted sperm suspensions maintained motility and
were able to fertilize eggs up to a month following collections in this species (Browne et
al., 2001). An expansion of this study to two species in the myobatrachid family
(Limnodynastes peroni and Pseudophryne bibroni) and one species in the hylid family
(Litoria verreauxi) demonstrated that sperm suspensions maintained motility at cold
(0°C) temperatures for at least at least six days in all three species, and up to nine days in
two of the species (Litoria verreauxi and Limnodynastes peroni) (Browne et al., 2002).
Similarly, sperm suspensions from macerated testes of Pseudophryne guentheri, an
Australian toadlet, demonstrated greater than 50% viability up to nine days post
collection and 14% viability up to day 13, with a similar proportion of sperm showing
motility at each of these time points (Silla, 2013). In Xenopus laevis, sperm from
macerated testes stored at 4°C was able to successfully fertilize eggs up to 6 days
following collection, however increasing concentrations of sperm were needed to
maintain a high fertilization rate (Hollinger and Corton, 1980).
Cold storage of spermic urine has also been studied in several anuran species,
including the American toad, Fowler’s toad, Wyoming toad, and boreal toad, with
samples reported to maintain motility, viability, and successfully fertilize eggs for days to
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weeks after collection depending on the species (Germano et al., 2013; Kouba et al.,
2009; Langhorne et al., 2012). Although only limited studies have been performed
regarding the short-term cold storage of spermic urine, these provide evidence that cold
storage may be possible for many different anuran species. This is an important
development for the field of amphibian ART, as spermic urine can be collected without
sacrificing the animal, making this a more applicable techniques for working with
endangered species.
One of the best applications for short-term cold storage of sperm is for situations
when the timing of gamete (eggs and sperm) production is not aligned for artificial
fertilization (AF) trials (Kouba et al., 2009). It can be difficult to accurately time when
animals, particularly females, will produce gametes, therefore the misalignment of
gametes is a common problem when attempting amphibian AF. While the unfertilized
eggs from the female do not typically remain viable for an extended time following
deposition, spermatozoa are able to be stored longer term and allow for more flexibility
(Browne et al., 2001; Clulow et al., 2014; Kouba et al., 2009; Silla, 2013). Therefore,
storing sperm at cooled temperatures allows it to remain viable for use in artificial
fertilizations, even if collected prior to egg deposition, as performed with Wyoming toads
(Browne et al., 2006b).
Another application for short-term cold storage of spermic urine may be in field
settings, where the equipment or facilities necessary for cryopreservation are not be
readily available. In these situations, sperm can be stored in coolers or over ice at 0-4°C
until transport back to a laboratory setting where it can be later cryopreserved and stored
in a bank. Alternatively, the sperm can maintained at cold stored temperatures once
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transferred back to the lab and used for artificial fertilizations at a later time. This may be
useful way to transport valuable genetics from in situ populations and infuse them into ex
situ populations without removing animals from their natural habitat. This has been
successfully performed in the boreal toad (Anaxyrus boreas boreas) where spermic urine
collected from in situ males was used to fertilize eggs from females in an ex situ breeding
colony, thereby adding genetic diversity to the captive population (Langhorne,
unpublished). Similarly, sperm kept at cold stored temperatures from wild or captive
amphibians can be easily shipped, allowing for distribution of genetics to other
conservation facilities, without having to transfer the animals, or without necessitating
the use of bulky equipment to transport cryopreserved sperm. Proof of concept for this
has been accomplished in the Mississippi gopher frog (Lithobates sevosa), where cold
stored sperm collected at the Memphis Zoo was transferred to Omaha’s Henry Doorly
Zoo and successfully used to produce tadpoles by AF (Kouba et al., 2011; Kouba et al.,
2013)
The Mississippi gopher frog (MGF; Lithobates sevosa) is a critically endangered
anuran found in just two small populations (approximately 100 adults in total) in southern
Mississippi (Hammerson et al., 2004a; USFWS, 2012a). The use of ART has been crucial
to the MGF’s reproduction in breeding programs, as it has not naturally bred in captivity.
Exogenous hormone therapies have been used to successfully produced gametes in this
species, and offspring have been produced using AF (Kouba et al., 2011). A technique for
successful cryopreservation sperm has also been determined for this species (Langhorne
et al., 2013). However, the cold storage of spermic urine has not yet been studied for this
species.
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Here, we present the first characterization of the duration of motility and viability
of short-term cold stored (4°C) spermic urine from the critically endangered Mississippi
gopher frog (Lithobates sevosa). The profile from the MGF was compared with two other
species, the near threatened boreal toad (Anaxyrus boreas boreas) and the Fowler’s toad
(Anaxyrus fowleri), a species of least concern. By determining the feasibility of cold
storage of sperm urine from the Mississippi gopher frog, we are adding to the collection
of tools available to help conserve this iconic species.
Materials and methods
Animals and housing
All three species used in this study (Lithobates sevosa, Anaxyrus fowleri, and
Anaxyrus boreas boreas) were housed at Mississippi State University’s (MSU)
Amphibian Conservation Lab in Starkville, MS, USA. Each species was kept in a distinct
area of the lab separate from other species, and separate sets of collection dishes and
holding tanks were used for each species. A small number (n=3) of boreal toads used in
this study were housed in a colony at the Native Aquatic Species Restoration Facility
(NASRF) in Alamosa, CO. Spermic urine collections and analysis for these samples were
performed at NASRF. All animal husbandry practices and experimental protocols were
approved by Mississippi State University Institutional Animal Care and Use Committee
(IACUC #10-082).
Mississippi gopher frogs (Lithobates sevosa) were originally captive bred and
reared as part of amphibian conservation breeding programs at the Memphis Zoo and
Omaha’s Henry Doorly Zoo. These animals were transferred to Mississippi State
University and acclimated well before their use in this study. Ages ranged from
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approximately 5 to 6 years old, and weights ranged from 32.2g to 53.3g with an average
of 39.8g. MGFs were implanted with passive internal transponder tags (PIT tags) for
identification purposes. MGFs were housed in plastic polycarbonate tanks (46 x 66 x 30
cm; Habitat Systems Limited, Des Moines, IA) in both single and mixed-sex
environments with between one and four conspecifics. Approximately half of the tank
was covered with moistened organic moss, and a small plastic hide (Medium Reptile
Hide; LLL Reptile and Supply Co, Oceanside, CA) was provided to give ample cover for
the frogs. At the other end of the tank, frogs had access to aged tap water in bowls.
Fowler’s toads were originally wild-caught before transfer to MSU, therefore the
ages of these individuals were not known. Males were determined to be sexually mature
based on the presence of nuptial pads and darkened throat sacs (Duellman and Trueb,
1994). Weights ranged from 17g to 42g, with an average of 25g. Animals were identified
based on spot patterns of their backs. Fowler’s toads were housed in groups with between
one four conspecifics, in both mixed and single sex environments. Housing consisted of
the same plastic polycarbonate tanks described above for the MGFs. Tanks were placed
on a slight angle allowing aged tap water to form a shallow pool at one end, and
moistened moss was provided on the dry end of the tank for substrate.
At MSU, boreal toads were housed in an all-male group consisting of 12
individuals in a large plastic tank (84 x 50 x 46 cm). These toads were originally bred and
raised at NASRF, but transferred to MSU for approximately 9 months before use in this
study. Ages ranged from 4 to 14 years old, and weights ranged from 31g to 56g with an
average weight of 42g. Boreal toads were identified based on distinct patterns of spots on
their ventral side. The tank was placed on a tilt allowing water to pool at one end, and
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water was cooled to (4-5°C) using a chiller device and pump system to mimic to cooler
temperatures found in their natural montane habitat (Lannoo, 2005). Rock hides were
available for cover or climbing. Boreal toads were placed in hibernacula in the
refrigerator (4°C) from December to April to simulate the natural hibernation period of
this species, which is thought to be crucial for the production of sperm (Langhorne,
unpublished). Spermic urine from these males was collected in late April, shortly after
the end of hibernation. The boreal toads at NASRF were housed in similar conditions in
tilted large fiberglass tanks (121 x 60 x 30 cm) equipped with a continuously running
water source and drainage system. Male and female boreal toads were housed together at
NASRF. Toads were hibernated at NASRF similar to those condition at MSU each year
from approximately December to May.
All animals at MSU were kept on a natural light cycle based on local conditions
(Starkville, MS; 33.4625° N, 88.8200° W). Toads housed at NASRF were kept on a
natural light cycle matching the photoperiod of Alamosa, CO (37.4667°N, 105.8667°W).
Tanks were cleaned once per week, but fresh water and substrate were provided as
needed throughout the week. Animals were offered a diet alternating between
mealworms, wax worms, and crickets three times per week. Mealworms and wax worms
were gut loaded prior to distribution using Repashy “Superload” supplement (Repashy
Ventures Inc., Oceanside, CA), and worms were offered in small plastic dishes in the
tanks. Crickets were gut loaded with fresh fruits and vegetables sprinkled with the
Repashy diet, and crickets were dusted with calcium (Fluker's Calcium with D3; Flucker
Farms, Port Allen, LA) before addition to the tank. Diet of the boreal toads at NASRF
was slightly more variable, consisting of crickets, mealworms, wax worms, or red159

wiggler worms, but were offered at the same frequency (three times per week) as toads at
MSU.
Spermiation protocols and urine collections
Each species was stimulated to produce spermic urine using exogenous hormones
with previously established species-specific doses. Mississippi gopher frog males
received a combination of 500IU human chorionic gonadotropin (hCG; cat# C1063;
Sigma-Aldrich, St. Louis, Missouri, USA) and 15µg of a gonadotropin-releasing
hormone agonist (GnRHa; also sometimes referred to as LHRHa in amphibian literature;
[des-Gly10], D-Ala6 ethylamide acetate cat#: L4513; Sigma-Aldrich, St. Louis, Missouri,
USA) (Kouba et al., 2011). Both Fowler’s and boreal toads received a dose of 10IU/g
hCG (Browne et al., 2006a; Germano et al., 2013; Langhorne et al., 2013).
The GnRHa lyophilized powder was reconstituted in distilled water to a
concentration of 1 µg/µl, and aliquoted into tubes (50 µl each) for storage at -20°C prior
to use. Vials of 2500 IU hCG were reconstituted in phosphate buffered saline solution
(PBS, #0928103; MP Biomedicals, Santa Ana, CA) and used immediately or stored at
4°C (for not more than 5 days). Hormone treatment doses were prepared in sterile tubes
(Biopur #022600028; Eppendorf North America, Hauppauge, NY) from the described
stock solutions, and administered intraperitoneally in the body cavity space near the
gonads using BD PrecisionGlideTM 27G x ½ inch needles (#305109, BD, Franklin Lakes,
NJ) and 1 ml luer syringes (NORM-JECT #4010-200V0, Henke-Sass Wolf, Tuttlingen,
Germany).
Following hormone injection, animals were placed in small holding tubs with
enough aged tap water to cover the bottom of the tub. This allowed the frogs and toads to
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replenish their bladders such that spermic urine samples could be collected multiple
times. Spermic urine samples were collected from the MGF between 30 minutes and 2
hours post hormone injection, while urine samples from the boreal toad and Fowler’s
toad were collected between 2 and 7 hours post hormone administration, in accordance
with the timeline of when these species have been observed to spermiate in response to
exogenous hormone therapies. Urine was collected by holding the animal over a wide
petri dish with its legs spread such that excreted urine could be captured on the dish
below. The posterior end of the animal was dried with a tissue prior to urine collection to
prevent excess water from mixing with the spermic urine sample. This technique was
modified slightly for the MGF which does not readily urinate when held. Instead a small
piece of catheter tubing (#BB31785-V/5; Scientific Commodities Inc, Lake Havasu City,
AZ) was inserted into the cloaca of the male MGFs to draw spermic urine into the dish.
Immediately following urination, the sample was pipetted into a 1.5ml centrifuge
tube (#05-408-129; FisherScientific, Pittsburgh, PA). The sealed tube was placed in a
refrigerator (~4°C) until analysis. Samples were analyzed immediately or within 2 hours
following collection.
Assessment of sperm parameters
On the day of collection (Day 0), the sample was analyzed for motility,
concentration, and viability. Samples were gently pipetted several times prior to analysis
to mix the sample. Motility was measured by placing 10µl of sample onto a microscope
slide and covering with a coverslip before viewing under 400x magnification on a phase
contrast microscope. A total of 100 sperm were counted and the percentage of forward
progressive sperm (FPM; sperm with moving flagella that were swimming in forward
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across the slide), motile sperm (sperm with moving flagella, but did not exhibit forward
movement), and non-motile sperm (no flagella movement) were recorded. Total motility
was calculated as the percentage of sperm exhibiting either FPM or motility, while the
percent of forward progressive sperm was based solely on FPM counts. Only samples
with greater than 50% FPM were selected for use in the study. Concentration was
calculated to the nearest 0.1 x 106 ml-1 using a Neubaeur hemocytometer.
Viability (the percentage of “live” sperm) was determined using a live-dead
sperm stain (LIVE/DEAD® Sperm Viability Kit #L-7011; Life Technologies, Grand
Island, NY). The protocol described by the kit was for larger volume mammalian
samples, so the protocol was modified slightly to be suitable for low volume samples,
similar to other groups that have used this stain for amphibian sperm samples (Dziminski
et al., 2009; Silla, 2013). In short, a 5µl aliquot of sperm sample was combined with 5µl
of a 1:50 dilution of the SYBR-14 nucleic acid stain in a small tube. This mixture was
incubated for 10 minutes at room temperature, before 2µl of propidium iodide (PI) stain
was added to the sample tube. The sample was then incubated for an additional 10
minutes at room temperature. Florescence imaging of a 10µl wet mount of stained sample
was then analyzed under 400x magnification on a Nikon Eclipse Ni-U microscope using
a specially designed longpass and duel emission filter capable of simultaneously viewing
the SYBR-14 (green) and PI (red) stain (Chroma Technology Corp, Bellows Falls, VT).
The PI stain is described by the manufacturer as being membrane impermeable, and thus
should only stain sperm cells with a compromised membrane (i.e. non-viable/dead cell).
A total of 300 sperm cells were counted and the percentage of live (green) versus dead
(red) cells were calculated.
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Motility was assessed daily as described above until 0% motility was observed in
a sample. The number of days a sample maintained motility was recorded. On the day
motility ceased (0% motility), the concentration was measured again (when sufficient
sample volume was available). Viability staining was performed every other day (starting
at Day 0) until motility ceased (0%). If motility was measured as 0% on a day when
viability was not scheduled to be measured, viability was instead measured on the day
0% motility was recorded to determine the percentage of live cells.
Statistical analysis
Data are expressed as mean ± SE. All statistical analysis was carried out using
SAS 9.4 software (Cary, NC), with significance set at P<0.05. Motility data were arcsine
transformed prior to statistical analysis. The mean total motility of samples showing
motility (henceforth called total motility) was calculated for each day post collection. To
test for differences in the mean total motility of cold stored sperm samples across the
study period and between species, a one way analysis of variance (ANOVA) was
conducted using the PROC MIXED function. A split-plot model was used where species
and day were the factors, with samples nested in species, and a species by day interaction
was investigated (Model: total_motility=species sample(species) day species*day).
Because the mean total motility was only calculated based on samples still showing
motility, statistical analysis was only performed on data from Day 0 to Day 7 post
collection to avoid skew based on low number of observations (less than 40% of the
samples showing motility) in the later days of the study. Significant species by day
interactions were further explored by the least square means procedure using the SLICE
function to examine simple effects in the species by day interaction (Saxton, 2000).
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Within each species, paired t-tests were used to compare differences in the
percent of live sperm (based on SYBR-14 staining) on the day of collection (Day 0) to
the percent of live sperm on the day motility ceased (0% motility). Paired t-tests were
also used to compare differences in the concentration of a sample on Day 0 to the day
motility ceased within each species. Linear regression analysis was performed to
determine if there was a relationship between the concentration of a sample and the
number of days the motility of a sample was maintained for each species.
Results
Across all species, cold stored spermic urine samples maintained motility between
1 and 14 days post collection. Within each species, there was large variability in the
number of days the samples maintained motility and in the percentage of motile sperm
measured on each day of the study period.
Analysis of the model for mean total motility showed significant species by day
interactions (P<0.05). Comparison of the simple effect of species on each day (Day 0 to
Day 7) can be seen in Figure 5.1 below. On Day 0, there was no significant difference
(P>0.05) in the mean percentage of total motility between the three species, while on Day
1 the mean total motility was significantly greater for the MGF samples compared to the
Fowler’s toad and boreal toad samples (P<0.05). On Day 2 there was again, no
significant difference (P>0.05) between the species, but on Day 3 through Day 5, boreal
toad sperm samples had a mean total motility that was significantly lower (P<0.05) than
MGF and Fowler’s toad samples. By Day 6 and Day 7 of the study, there was again no
significant difference (P>0.05) between the three species for mean percentage of total
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sperm motility. The simple effect of day for each species will be discussed in more depth
in the subsequent sections.

Figure 5.1

Comparison of the simple effect of species for each day of study period
(Day 0 to Day 7) for mean percentage of total motility.

Letters within each day (a-b) show significant differences between the species at each
day post collection. Colored bars depict mean total motility for each species (MGF=black
bars; Fowler’s toad=light gray bars; boreal toad=dark gray bars), with standard error bars
shown for each mean. At Day 0 there was no significant difference (P>0.05) between the
species for mean percentage of total sperm motility. By Day 1 post collection, MGF
samples had significantly greater (P<0.05) mean total motility compared to Fowler’s toad
and boreal toad samples. At Day 2 there was again no significant difference (P>0.05)
between the species in mean percentage of total motility. From Day 3 to Day 5 of the
study, MGF and Fowler’s toad samples showed significantly higher (P<0.05) mean total
motility compared to boreal toad samples, but by Day 6 and Day 7 there was again no
significant difference (P>0.05) between the species for mean percentage of total sperm
motility.
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MGF spermic urine
Spermic urine samples from MGFs maintained motility for 2 and 14 days post
collection, with a mean of 8±1 days. On the day of collection (Day 0) mean motility of
spermic urine samples was 86±1% (n=21 samples; Figure 5.2). Mean motility of MGF
samples with motile sperm steadily decreased throughout the study, showing a significant
decrease (P<0.05) between each day from Day 0 to Day 2. There was no significant
change (P>0.05) in mean total motility from Day 2 to Day 3, but from Day 3 to Day 6
there was again a significant decrease (P<0.05) in mean total motility between each day.
There was no significant change (P>0.05) in mean total motility between Day 6 and Day
7 of the study period for MGF samples. Specifically, motility decreased to 70±4%
motility on Day 1 post collection (n=21 samples), 56±4% on Day 2 (n=21 samples), and
49±4% on Day 3 (n=20 samples). By one week post collection, only 14 of the original 21
samples had motile sperm, with a mean total motility of 14±2%. From Day 8 onwards,
mean total motility was 10% or less for MGF samples. One sample maintained motility
to Day 14 post collection, and had 1% motile sperm at that time. Forward progressive
motility (FPM) of MGF spermic urine samples also decreased over time, though at a
faster rate than total motility, with a mean of 74±2% FPM on Day 0 (n=21 samples),
which decreased to 29±4% by Day 3 (n=20 samples), 6±1% by one week (n=13
samples), and finally to 1% FPM on Day 12 (n=1 sample), data not shown. After Day 0,
there was wide variability between MGF samples for the percentage of total motility and
FPM, and for the number of days the sperm samples maintained motility.
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Figure 5.2

Complete profile of mean percentage of total motility for MGF samples on
each day of the cold storage study period that motility was observed.

Mean percentage of total motility of MGF samples are indicated by dark circles.
Statistically different mean percentages of total sperm motility for each day (Day 0 to
Day 7) post collection are indicated by differing letters (A-F). There was a significant
decrease (P<0.05) in mean total motility for each day between Day 0 and Day 2 post
collection. From Day 2 to Day 3 there was no significant change (P>0.05) in mean total
motility, but from Day 3 through Day 6 there was again a significant decrease (P<0.05) in
total motility between each day. There was no significant difference (P>0.05) in mean
total motility between Day 6 and Day 7. The percentage of samples showing motility
(and therefore included in the mean percentage of total motility for that day’s data point)
are represented by the bar chart. Of the n=21 samples, 100% maintained motility through
Day 2 post collection, 67% maintained motility through Day 7 (n=14 of 21 samples), and
only 5% (n=1 of 21 samples) maintained motility through Day 14.
Using the SYBR-14 Live-Dead stain as a measure of viability, MGF spermic
urine samples showed a mean of 88%±2% live sperm on the day of collection (Day 0),
with individual samples ranging from 71% to 97% live sperm on Day 0. The mean
percentage of live sperm measured on the day motility ceased in a sample was 55%±4%
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(n=21), and ranged from 21% to 87%. When comparing the percentage of live sperm in
Day 0 samples to the percentage of live sperm in samples when motility had ceased, a
paired t-test showed a significant decrease (P<0.05) in the percentage of live sperm
across the samples (Figure 5.3, panel A). An example of the Live-Dead stain for MGF
sperm can be seen in Figure 5.4.

Figure 5.3

Changes in mean percent of live sperm and concentration in MGF samples

Mean percent of live sperm (Panel A), and mean concentration (Panel B) on the day of
collection (Day 0) compared to the day motility ceased in a sample. Paired t-tests showed
that across samples there was a significant decrease (*) in both the percent of live sperm
(P<0.05) and concentration (P<0.05) across time.

168

Figure 5.4

Live (green) and dead (red) stained sperm from a MGF spermic urine
sample

Initial concentrations of MGF spermic urine samples ranged from 1.0x106
sperm/ml to 8.2x106 sperm/ml, with a mean concentration of 3.6±2.4x106 sperm/ml
(n=21 samples) on Day 0. The concentration of some, but not all, samples decreased over
time. Mean concentration counts on the day motility ceased were collected when possible
(some samples did not have sufficient volume to conduct a final concentration count). For
a subset (n=18) of samples which were analyzed for concentration on the day of
collection and on the day motility ceased, the mean Day 0 concentration was 3.8±0.6x106
sperm/ml. Mean concentration for these samples on the day motility ceased was
determined to be 2.0±0.4x106 sperm/ml (n=18), and ranged from 0.0x106 sperm/ml to
6.4x106 sperm/ml. A paired t-test showed there was a significant decrease (P<0.05) in
concentration across samples from Day 0 to the day motility ceased (Figure 5.3, panel B).
Regression analysis indicated there was no relationship between the concentration of a
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sample and the number of days the sample maintained motility (P>0.05; r2=0.0189;
Figure 5.5).

Figure 5.5

Linear regression analysis of concentration versus the number of days
MGF spermic urine samples maintained motility

Sample concentration was plotted against the number of days the sample maintained
motility (dark circles). The regression line is shown by the dark line (y=0.17x+7.67).
There was no significant relationship (P>0.05) between the concentration of a sample and
the number of days it maintained motility (r2=0.0189).
Fowler’s toad spermic urine
Fowler’s toad spermic urine samples maintained motility for 1 to 14 days post
collection, with a mean of 6±1 days. The mean total motility of samples was 84±2%
(n=15 samples) on Day 0 (Figure 5.6). Mean total motility of samples with motile sperm
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decreased during the study, with a significant decrease (P<0.05) in mean total motility
from Day 0 to Day 1, but no statistically significant decreases (P>0.05) in mean motility
for each day between Day 1 and Day 6. There was a significant decrease (P<0.05) in
mean total motility from Day 6 to Day 7 post collection. Mean total motility was 50±8%
on Day 1 (n=15 samples), 51±7% on Day 2 (n=12 samples), and 47±7% on Day 3 post
collection (n=11 samples). At one week post collection, mean total motility was 13±4%
(n=8 samples), and mean motility remained at less than 10% from Day 8 onward. One
sample maintained motility to Day 14 post collection, with 1% motile sperm in the
sample. FPM of Fowler’s toad samples showed a similar decline as total motility across
time. At Day 0, FPM was 76±2% (n=15 samples), which decreased to 34±5% by Day 3
(n=11 samples), 8±2% by one week (n=7 samples), and 2±0% on Day 12 (n=1 sample),
data not shown. There was wide variability between the Fowler’s toad samples in the
percent total motility and FPM after Day 0, and in the number of days the sperm samples
maintained motility.
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Figure 5.6

Complete profile of the mean percentage of total motility for Fowler’s toad
samples on each day of the cold storage study period that motility was
observed.

Mean percentage of total motility of Fowler’s toad samples are indicated by dark circles.
Statistically different mean percentages of total sperm motility for each day (Day 0 to
Day 7) post collection are indicated by differing letters (A-E). There was a significant
decrease (P<0.05) in mean total motility between Day 0 and Day 1, but there was no
significant decrease (P>0.05) in mean total motility between each day for Day 1 and Day
6. From Day 6 to Day 7 there was a significant decrease (P<0.05) in mean total motility.
The percentage of samples showing motility (and therefore included in the mean
percentage of total motility for that day’s data point) are represented by the bar chart. Of
the n=15 samples, 100% maintained motility to Day 1 of collection, 53% maintained
motility through Day 7 (n=8 of 15 samples), and only 7% (n=1 of 15 samples)
maintained motility through Day 14.
Analysis of viability using the SYBR-14 Live Dead stain showed Fowler’s toad
spermic urine samples had a mean of 65±8% live sperm on Day 0, with samples ranging
from 14 to 98% live sperm (n=15). On the day motility ceased in a sample, the mean
percentage of live sperm had dropped to 5±2%, with a samples ranging from 0% to 23%
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live sperm (n=15). A paired t-test showed a significant decrease (P<0.05) across samples
in the percent of live sperm at the day of collection compared to the percent of live sperm
in samples on the day motility ceased (Figure 5.7, panel A). An example of the LiveDead stain for Fowler’s toad sperm can be seen in Figure 5.8.

Figure 5.7

Changes in mean percent of live sperm and concentration in Fowler’s toad
samples

Mean percent of live sperm (Panel A), and mean concentration (Panel B) on the day of
collection (Day 0) compared to the day motility ceased in a sample. Paired t-tests showed
a significant decrease (*) in both the percent of live sperm (P<0.05) and concentration
(P<0.05) across samples.

173

Figure 5.8

Live (green) and dead (red) stained sperm from a Fowler’s toad spermic
urine sample

Concentrations of Fowler’s toad spermic urine samples at Day 0 ranged from
1.3x106 sperm/ml to 11.0x106 sperm/ml, with a mean of 5.0±0.8x106 sperm/ml (n=15;
Figure 5.7, panel B). Similar to the MGF samples, some samples showed a decrease in
concentration during cold storage, with final concentrations on the day motility ceased
ranging from 0.1x106 sperm/ml to 6.0x106 sperm/ml, with a mean of 2.2±0.4x106
sperm/ml. A paired t-test showed the concentration of samples on the day motility ceased
was significantly decreased compared to the initial concentration of samples at Day 0
(P<0.05). There was no relationship between the concentration of a sample and the
number of days motility was maintained for Fowler’s toad samples (P>0.05, r2=0.003;
Figure 5.9).
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Figure 5.9

Linear regression analysis of concentration versus the number of days
Fowler’s toad spermic urine samples maintained motility

Sample concentration was plotted against the number of days the sample maintained
motility (dark circles). The regression line is shown by the dark line (y=-0.07x+6.42).
There was no significant relationship (P>0.05) between the concentration of a sample and
the number of days it maintained motility (r2=0.0028).
Boreal toad spermic urine
Spermic urine samples from boreal toads maintained motility for 1 to 13 days
following collection, with an average duration of 6±1 days. Mean motility of spermic
urine samples on Day 0 was 86±1% (n=13 samples; Figure 5.10). Mean motility of
samples with motile sperm rapidly decreased during cold storage, with significant
decreases (P<0.05) in mean total motility between Day 0 and Day 1, from Day 1 to Day
2, and again from Day 2 to Day 3, after which there were no significant decreases
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(P>0.05) in mean total motility between each day from Day 3 to Day 7. Specifically,
mean motility fell to 52±8% on Day 1 (n=13 samples), 35±8% on Day 2 (n=10 samples),
and 19±6% on Day 3 (n=10 samples). At one week post collection (Day 7), mean
motility was measured at 14±9% (n=6 samples). Mean total motility was 10% or less at
Day 11 onwards. A single sample maintained 2% motility until day 13 post collection.
There was wide variability between boreal toad samples for total motility and FPM after
Day 0. Initial mean FPM at Day 0 was 70±2% (n=13 samples), and decreased to 9±4%
by Day 3 (n=9), 25±15% on Day 7 (n=2), and 3±1% on Day 12 post collection (n=2).
Measures of mean total motility and FPM for boreal toad samples did not demonstrate a
clear decline across time due the fact that some samples rapidly lost motility and FPM,
while others maintained motility for longer periods.
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Figure 5.10

Complete profile of the mean percentage of total motility for boreal toad
samples on each day of the cold storage study period that motility was
observed.

Mean percentage of total motility of boreal toad samples are indicated by dark circles.
Statistically different mean percentages of total sperm motility for each day (Day 0 to
Day 7) post collection are indicated by differing letters (A-D). There was a significant
decrease (P<0.05) in mean total motility for each day between Day 0 and Day 3 post
collection, but there was no significant difference (P>0.05) in mean total motility for each
day between Day 3 and Day 7. The percentage of samples showing motility (and
therefore included in the mean percentage of total motility for that day’s data point) are
represented by the bar chart. Of the n=13 samples, 100% maintained motility through
Day 1 post collection, 46% maintained motility through Day 7 (n=6 of 13 samples), and
only 8% (n=1 of 13 samples) maintained motility through Day 13.
Live-Dead staining showed boreal toad spermic urine samples had a mean of
77%±7% live sperm on the day of collection (Day 0), with a range of 34% to 96% live
sperm (n=10 samples; Figure 5.11, panel A). The mean percentage of live sperm
measured on the day motility ceased was 22%±8% live sperm (n=10 samples), with a
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range of 0% to 76% live sperm. There was a significant decrease (P<0.05) across samples
in the percent of live sperm at Day 0 compared to the percent of live sperm on the day
motility had ceased in a sample. An example of the Live-Dead stain for boreal toad sperm
can be seen in Figure 5.12.

Figure 5.11

Changes in the mean percentage of live sperm and concentration in boreal
toad samples

Mean percent of live sperm (Panel A), and mean concentration (Panel B) on the day of
collection (Day 0) compared to the day motility ceased in a sample. Paired t-tests showed
that across samples there was a significant decrease (*) in both the percent of live sperm
(P<0.05) and concentration (P<0.05).
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Figure 5.12

Live (green) and dead (red) stained sperm from a boreal toad spermic urine
sample

At Day 0, concentrations of spermic urine samples from boreal toads ranged from
1.5x106 sperm/ml to 23.1x106 sperm/ml, with a mean of 6.4±1.5x106 sperm/ml (n=13
samples). As with the other species, some, but not all, samples decreased in concentration
over time. Mean concentration counts on the day motility ceased were collected when
possible (some samples did not have sufficient volume to conduct a final concentration
count). For a subset (n=10) of samples which were analyzed for concentration on the day
of collection and on the day motility ceased, the mean Day 0 concentration was
4.6±0.7x106 sperm/ml. Mean concentration for these samples on the day motility ceased
was determined to be 2.6±0.5x106 sperm/ml (n=10), with a range of 0.1x106 sperm/ml to
5.1x106 sperm/ml. There was a significant decrease (P<0.05) in concentration across
samples from the day of collection to the day motility ceased using a paired t-test (Figure
5.7, panel B). For linear regression analysis, one data point was identified as an outlier (a
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sample with 23.1 x106 sperm/ml) and was excluded. There was no relationship between
concentration and the number of days a sample maintained motility for boreal toad
samples (P>0.05; r2=0.2313; Figure 5.13)

Figure 5.13

Linear regression analysis of concentration versus the number of days
boreal toad spermic urine samples maintained motility

Sample concentration was plotted against the number of days the sample maintained
motility (dark circles). The regression line is shown by the dark line (y=0.75x+2.00).
There was no significant relationship (P>0.05) between the concentration of a sample and
the number of days it maintained motility (r2=0.2313). A sample with 23.1 x106 sperm/ml
was excluded from linear regression analysis as it was considered to be an outlier.
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Discussion
Here we provide the first full characterization of motility in cold stored (4°C)
spermic urine from the critically endangered Mississippi gopher frog. Cold storage of
Fowler’s toad and boreal toad spermic urine has been described as successful prior to this
study (Germano et al., 2013; Kouba et al., 2009; Langhorne et al., 2012), however
profiles from these species were obtained in this study for comparison to the MGF
profile. The present study also included the use of a viability stain to assess the percent of
live cells in spermic urine samples during cold storage for all three species.
Analysis of mean total motility of cold stored sperm samples (for Day 0 to Day 7)
showed significant interaction (P<0.05) for species and day, suggesting the three species
showed different patterns of total motility across the days. Analysis of the simple effects
demonstrated there was no difference in mean total motility between the species on the
day of collection (Day 0), however there were differences between the species for Day 1,
Day 3, Day 4, and Day 5 post collection, with boreal toads showing significantly lower
mean total motility compared to the other species on most days. It is not known why cold
stored boreal toad sperm samples declined more rapidly than samples from the other
species. Considering the cooler montane habitat of the boreal toad, it might be speculated
that sperm from this species would be better maintained at cold storage temperatures
compared to more temperate species, however this was not found to be the case. In
previous reports on cold storage of boreal toad samples, total motility counts did not
decline as rapidly as those observed in this study, with mean motility of 46% motility
maintained through Day 8 post collection (Langhorne et al., 2012). Potentially this
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discrepancy between the studies could be explained by the high variability in motility
between samples.
The largest decrease in mean total motility was seen between Day 0 and Day 1 for
all three species, suggesting this period may be the most critical in the cold storage of
samples. A 16% decrease in mean total motility was observed for MGF samples, while
decreases of 33% and 35% in mean total motility were found in Fowler’s toad and boreal
toad samples respectively. This is consistent with previous work in Fowler’s toads which
found the greatest decrease in motility (of 30%) to occur 24 hours post collection
(Germano et al., 2013). Mean total motility fell below 50% by Day 2 post collection for
boreal toad samples, and less than 50% mean total motility was observed by Day 3 post
collection for MGF and Fowler’s toad samples. Although motility was observed in a few
samples for almost 2 weeks post collection, the motility was very low (1-2%) and is not
practical for use in artificial fertilization.
In previously published studies of cold stored sperm suspensions from other
anuran species, a relatively high percentage (40-50%) of sperm maintained motility up to
a week or more following collection, and sperm suspensions were able to successfully
fertilize eggs up to a month after collection (Browne et al., 2001; Silla, 2013). However,
these studies used sperm from macerated testes and these sperm were stored in
suspensions of simple amphibian ringer (SAR) solution which inactivates the sperm,
interrupting motility until the osmolality is returned to a proper level for reactivation.
Because of this, a higher percentage of sperm from the macerate solutions may have
remained motile and viable for an extended time because sperm were not continually
motile as in the spermic urine samples of this study. Although spermic urine samples may
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have a shorter lifespan compared to macerate solutions, cold storage of spermic urine
samples is an important alternative to macerates when working with threatened and
endangered species such as the MGF, since collection of the testes requires sacrifice of
the animal which is impractical for endangered species (Kouba and Vance, 2009).
Inactivation of MGF spermic urine samples using a non-toxic diluent could be worth
exploring as a potential means of extending motility and viability, however this results in
a lower concentration which must be considered as a tradeoff. There is also some
evidence that inactivation and reactivation results in decreased motility, particularly if
additives such as BSA are not used (Kouba et al., 2001; Kouba et al., 2003).
As this was the first account of cold storage of spermic urine from the Mississippi
gopher frog, assessment of the duration of motility and viability was made without any
additives or treatments to the sample. Trialing various sample treatments may be an
avenue worth future exploration, since it may extend the motility and viability of cold
stored samples. Cold storage of semen from several fish species has been improved by
the use of aeration and antibacterial solutions (Bencic et al., 2000; Billard et al., 2004;
Stoss and Holtz, 1983). Some of these techniques, such as the use of antibiotics, aeration,
and additives such as BSA have been applied to cold storage studies with anuran sperm
to varying success (Germano et al., 2013; Kouba et al., 2001; Kouba et al., 2003; Kouba
et al., 2009; Silla et al., 2014). The results of these trials have been mixed, with
antibiotics tending to be detrimental to the sample motility and viability, however the use
of BSA solutions or aeration to improve the length of motility and viability of cold stored
sperm samples from the Mississippi gopher frog.
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The SYBR-14 Live-Dead stain has been used successfully for viability
assessment in several anuran species (Beesley et al., 1998; Dziminski et al., 2009;
Germano et al., 2013; Silla, 2013), and we have demonstrated that this stain is also useful
for MGF, boreal, and Fowler’s toad samples. Other studies of cold storage of amphibian
sperm have suggested there is trend of viability to decrease as motility decreases
(Germano et al., 2013; Silla, 2013). Although mean viability was observed to decrease
over time in this study, there was wide variability between samples, with some samples
showing a decline in viability as motility decreased, but other samples maintained high
percentages of viable cells despite low motility. A number of samples, in particular those
from MGFs and boreal toads, showed a decline in the percent of live sperm cells after
several days of cold storage, but following this decline, a rebound in the percentage of
live sperm cells was observed even as the motility continued to decrease. This
phenomenon may be explained by the fact that some sperm cells appeared to disintegrate,
and the concentration decreased in many samples after collection. Therefore, perhaps
many of the sperm with intact membranes (live) survived extended cold storage times,
while those sperm with damaged membrane (dead) disintegrated, thereby decreasing the
overall sample concentration and artificially elevating the viability counts. Unlike the
MGF and boreal toad samples, most Fowler’s toad samples declined rapid in viability
after a short time in cold storage, with some samples even demonstrating low viability on
the day of collection despite high motility counts. Potentially this staining protocol may
be somewhat toxic to the Fowler sperm, which may have affected viability counts,
though it remains unclear why only the Fowler’s toad sperm demonstrated susceptibility
to the stain, while the other two species did not appear to be affected by the protocol.
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Further investigation into this matter is needed. For all three species, additional studies
incorporating an acrosome stain, such as the fluorescein isothiocyanate conjugated peanut
agglutinin (FITC-PNA) which has been performed in several anuran species (Obringer et
al., 2000; Takamune, 1987), may be worthwhile to determine if the acrosome reaction
capability is maintained during cold storage.
In many samples, particularly those from MGFs, the percentage of live sperm as
measured by the SYBR-14 stain, remained high even after motility was low or ceased,
suggesting these samples may still be viable even when non-motile. Motility is obviously
important in natural breeding settings when sperm may have to travel short distances to
the eggs. However, in artificial fertilization settings where sperm is deposited directly
onto the eggs, motility may be a less crucial, as long as viability is maintained. Although
we have not conducted a formal study comparing fertilization rates, our research group
has successfully fertilized eggs with cold stored sperm from MGFs between 24 and 48
hours post collection, demonstrating that short-term cold storage of spermic urine is a
useful strategy when the timing of gamete production is not aligned between males and
females during artificial fertilization trials. Cold storage of spermic urine also has
applications to shipping sperm samples to different facilities, as was performed by Kouba
et al. (2011). This strategy can be used to expand the genetic contribution of an animal
into other populations, without shipping the animal to another institution, or without
having to risk cryoinjury to sperm during the freezing process (Holt, 2000; Kouba et al.,
2013). Cold storage of spermic urine cannot replace the necessity of cryopreservation as a
means of long-term genetic storage, but cold storage may be a short-term strategy to
maximize sperm use across multiple days.
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If cold stored spermic urine is to be used for artificial fertilization, there are
several recommendations that can be made based on this study. First, cold stored spermic
urine is likely best used within two to three days post collection, as after this time
motility of a sample has likely declined below 50% and may show decreased viability.
Within each species, samples were widely variable in the number of days that motility
and viability was maintained. Therefore, it may be worthwhile to collect and store sperm
from several males, if possible, to prepare for the fact that some samples may decline
rapidly and be of limited use after cold storage. Concentration was decreased in many
samples after cold storage, thus modifications to artificial fertilization protocols may be
necessary to ensure there is a sufficient volume and concentration of sperm for successful
fertilization. Several studies have suggested at least 5.0x105 to 1.0x107 sperm/ml are
necessary for optimal fertilization of eggs depending on the species, and it has been
suggested that higher concentrations of sperm may be needed to maintain high
fertilization rates following cold storage (Browne et al., 2001; Hollinger and Corton,
1980). Therefore, high concentration samples may be preferable for cold storage to avoid
losses in concentration below the threshold needed for successful fertilization.
Conclusions
As ART continues to be crucial for stimulating gamete production in many
captive amphibian species, it is necessary to determine optimal storage of gametes to
maximize their use. Cold storage (~4°C) of spermic urine samples from anurans provides
an alternative to cryopreservation for short-term storage. In comparing the cold stored
sperm samples of three anuran species, there was a difference in mean total motility
based on day and species. For all three species, mean total motility was maintained near
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50% for two to three days post collection, with the greatest decreases in motility observed
in the first 24 hours of cold storage. There was wide variability between samples within
each species, regarding duration of motility and viability. Concentration of a sample was
not related to the length of time it maintained motility, but high concentration samples are
preferable for cold storage since concentration will likely decrease over time. Short-term
cold storage of amphibian sperm has the greatest ART applications for preserving sperm
when the production of eggs is not aligned for artificial fertilization; for transferring
sperm between institutions, or from a field setting into captive colony to infuse new
genetics into a population; or as a temporary storage strategy when cryopreservation of a
sample is not possible or immediately available.
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GENERAL CONCLUSIONS

Although amphibian populations have been declining for several decades now,
the use of assisted reproductive technologies (ART) to enhance amphibian reproduction
is still in its infancy and much work remains to be done in the field. ART continues to be
important in conserving amphibian species, as researchers increasingly are using a variety
of strategies such as hormone therapy, cryopreservation, and advances in technology such
as ultrasound, to stimulate amphibian reproduction and gather more information about
reproductive biology in these creatures.
Because of amphibians’ diverse reproductive strategies and life histories it is
commonly found that ART protocols are not readily transferable to other species. Thus,
with each new species of interest, protocols must be adapted or sometimes completely
overhauled in order to promote successful reproduction. This can be a time consuming
process, and time is working against many species facing extinction. Only limited studies
have been performed on the Mississippi gopher frog, and thus researchers are currently in
the process of determining the most effective ART strategies for reproducing the MGF in
captivity.
The studies reported in this thesis were undertaken with the focus of improving
the captive reproduction efforts of the critically endangered Mississippi gopher frog by
targeting three research topics which remain challenges to efficient and successful
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breeding of this species. First, several different techniques for sex identification were
trialed for the MGF. Due to their weakly dimorphic nature, researchers may struggle to
accurately sex MGFs, leading to wasted time and resources when hormone treatments
must be applied to animals of unknown sex. Results from this study demonstrated that
although there was no 100% accurate method for identifying the sex of an animal,
identifying physical characteristics such as the presence or absence of nuptial pads is a
fairly reliable and easy to perform technique. The use of hormone assays to analyze
urinary estrone was also successful in correctly identifying the sex of a MGF in most
cases, with females showing significantly greater urinary estrone concentrations
compared to males. Using these two techniques together would likely result in increased
accuracy of sex identification. These methods may also be applicable to other weakly
dimorphic and monomorphic species, thereby enhancing management of other amphibian
captive breeding populations.
The second area of focus involved testing various exogenous hormone therapies
in female MGFs to determine the most effective treatments to reliably induce ovulation.
Reliably obtaining eggs from female MGFs has been a limiting factor in breeding MGFs,
and the findings of this study have clarified which hormone treatments are likely to be
successful to induce ovulation and egg deposition, as well as the timeline of egg
expression. The “Amphiplex” method (a GnRH agonist combined with the dopamine
antagonist metoclopramide-hydrochloride) or a combination of hCG and GnRH
following two low priming doses of hCG resulted in the highest numbers of ovulating
animals, as well as produced the greatest numbers of eggs and fertilization rates during
artificial fertilization trials. The use of ultrasound as a complementary tool was also
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valuable for understanding the response of female MGFs to the hormone therapies and
may help guide researchers as to the most effective treatments for ovulation. The results
of this study have important implications for captive breeding of the MGF, and will aid in
effectively and efficiently producing offspring for future reintroduction programs for the
species. Ultrasound imaging may also be a valuable tool to improve the success rate of
other amphibian species in captive breeding programs and should be incorporated as an
ART strategy for other species.
Lastly, a profile of the duration of motility and viability of cold stored MGF
spermic urine was determined. Cold storage (~4°C) of spermic urine can be used as a
short term strategy for temporarily preserving gametes for artificial fertilization trials, for
shipping samples to other institutions, or when cryopreservation of a sample is not
possible. Cold storage of MGF spermic urine was similar to other anuran species
(Fowler’s toad and boreal toads) and is likely best used within 24-48 hours post
collection. Treatments to spermic urine samples may extend the motility and viability of
cold stored samples and are worth future exploration.
The science behind reproducing the Mississippi gopher frog and other amphibians
is, without a doubt, a crucial component of conserving these important animals. However,
public awareness and education cannot be overlooked as a necessary part of conservation
efforts. Without public support and changes in human behaviors and attitudes towards
amphibians, many of the threats to amphibian species will continue to negatively affect
populations and the success of conservation and reintroduction programs will be limited.
It is only through the concerted efforts of scientists and the general public that amphibian
species can be saved from extinction. Education efforts are needed to inspire people
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about the importance of frogs and offer actions they can employ to help protect species,
such as reducing pollution, preserving and restoring critical habitat, increasing recycling
efforts, and so forth. Hopefully through this education people can learn that by saving the
frogs, we may well be saving whole ecosystems and that all species—including
humans—will benefit.
The contributions of this thesis will hopefully aid in the long-term conservation of
the Mississippi gopher frog, and inspire progress in the field of assisted reproductive
technologies for other threatened and endangered species. Although it will be an uphill
battle, the fight to end the amphibian extinction crisis is necessary and worthwhile.
Amphibians are undeniably crucial to environmental health and ecosystem stability, and
thus there is no choice but to make every effort possible to conserve and protect them.
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APPENDIX A
MATRIX FOR SEX IDENTIFICATION METHODS AND PREDICTIONS
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Table A.1

Matrix of confirmed sex and sex prediction for each technique trialed as part
of the sex identification study

Animal

Confirmed
sex

Body
length

Body
weight

Nuptial
pads

Ultrasound
imaging

Mean estrone
concentration*

Mean
testosterone
concentration*

Percent of
accurate
predictions

M1

M

F

F

M

M

NO DATA

NO DATA

50.0%

M2

M

F

F

F

M

M

M

50.0%

M3

M

F

F

M

M

M

M

66.7%

M4

M

M

F

M

M

M

M

83.3%

M5

M

M

M

M

M

M

M

100.0%

M6

M

M

M

F

M

NO DATA

NO DATA

75.0%

M7

M

F

F

M

M

M

M

66.7%

M8

M

M

M

M

M

M

M

100.0%

M9

M

M

M

M

M

M

M

100.0%

M10

M

M

M

M

M

M

M

100.0%

M11

M

F

F

M

F

M

M

50.0%

M12

M

M

M

M

M

M

M

100.0%

M13

M

M

M

M

M

M

M

100.0%

M14

M

M

M

M

M

M

M

100.0%

M15

M

M

M

M

F

M

M

83.3%

M16

M

F

F

M

M

M

M

66.7%

M17

M

M

M

M

M

M

M

100.0%

M18

M

F

M

M

M

M

M

83.3%

M19

M

F

M

M

M

M

F

66.7%

M20

M

F

F

M

M

M

M

66.7%

M21

M

F

F

M

F

F

F

16.7%

M22

M

F

F

M

M

M

M

66.7%

M23

M

F

F

M

M

M

M

66.7%

M24

M

F

F

M

M

M

M

66.7%

M25

M

F

M

M

M

M

M

83.3%

M26

M

F

F

M

M

M

M

66.7%

M27

M

M

F

M

M

M

M

83.3%

F1

F

F

F

F

F

F

M

83.3%

F2

F

F

M

F

F

F

F

66.7%

F3

F

M

M

F

F

F

F

66.7%

F4

F

M

M

F

F

F

F

66.7%

F5

F

F

F

F

F

F

F

100.0%

F6

F

F

F

F

F

F

F

100.0%

F7

F

F

F

F

F

F

M

83.3%

F8

F

M

M

F

F

F

F

66.7%

213

Table A.1 (continued)
F9

F

M

M

F

F

F

F

66.7%

F10

F

M

F

F

F

F

M

66.7%

F11

F

F

F

F

F

F

M

83.3%

F12

F

F

F

F

F

F

F

100.0%

F13

F

F

F

F

F

M

F

83.3%

F14

F

F

F

F

F

NO DATA

NO DATA

100.0%

F15

F

F

F

F

F

M

F

83.3%

F16

F

F

F

F

F

F

M

83.3%

F17

F

F

F

F

F

NO DATA

NO DATA

100.0%

F18

F

F

F

F

F

F

M

83.3%

F19

F

F

F

F

F

F

M

83.3%

Confirmed sex (column 2) shown in dark shaded boxes M (blue)=male; F (pink)=female,
based on production of sperm and eggs, respectively. Predictions of sex for each
individual for each method shown in columns 3-8. (*) indicates averaged value for
February and July used for hormone data prediction. The percent of methods which
accurately predicted the sex is given in column 9 for each individual.
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